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ABSTRACT

POSSIBLE SOURCES AND IMPACTS OF BIOCHAR WATER EXTRACTABLE
ORGANIC COMPOUNDS ON AQUATIC MICROORGANISMS
Cameron Russell Smith
Old Dominion University, 2016
Director: Dr. James W. Lee
Smokeless biomass pyrolysis with application of biochar as a soil
amendment could be a significant approach for carbon sequestration to possibly control
climate change for energy and environmental sustainability. If biochar were to be utilized
as a soil amendment and a carbon sequestration agent at Gt C scales, the release of
potentially toxic compounds into soils and associated hydrological systems, through soil
rainwater runoff and leaching, might have negative consequences, in both agroecosystems and aquatic environmental systems. Therefore, the main focus of this
dissertation was to study the sources and chemical composition of biochar water
extractable (soluble) organic compounds and their effects on aquatic microorganisms.
To evaluate the effects of biochar water extractable substances on the
growth of aquatic microorganisms, rapid phytotoxicity assays were performed and
showed that pinewood derived biochar water extracts inhibited the growth of both
cyanobacteria, Synechococcus sp., and eukaryotic green algae, Desmodesmus sp., while
peanut shell and chicken litter derived biochar water extracts did not inhibit growth.
Because of its ultrahigh resolution, mass precision and effectiveness for analyzing water
soluble compounds, electrospray ionization (ESI) coupled to Fourier transform ion
cyclotron resonance mass spectrometry (FTICR-MS) was utilized to analyze biochar
water extracts at a molecular level to enhance our initial understanding of the toxic nature
of pinewood-derived biochar water extracts as compared to benign peanut shell-derived

biochar water extracts. The molecular composition of pinewood-derived biochar water
extracts showed unique carbohydrate ligneous components and sulfur containing
condensed ligneous components which were both absent from peanut shell-derived
biochar water extracts.
Finally, sources of biochar water soluble organic compounds (WSOC)
were investigated as a function of biomass materials including cellulose and lignin and
pyrolysis temperature from 300°C to 500°C in relation to their potential toxicity to
freshwater blue-green algae, Synechococcus. The amount of WSOC extracted from
biochar, irrespective of biomass starting material, decreased significantly as a function of
pyrolysis temperature. Algal bioassays and advanced 2D GC×GC mass spectrometry
analyses revealed that toxic WSOC extracted from pinewood-derived biochar was most
likely due to mono-, di- and tri-substituted phenolic compounds derived from lignin,
while toxic WSOC extracted from cellulose-derived biochar was acidic and bio-oil like in
nature.
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CHAPTER 1

INTRODUCTION
1.1

Overview
The world currently faces a systemic energy and environmental problem

of increasing CO2 emissions and global climate change. Solving this problem requires a
comprehensive portfolio of research and development efforts with multiple strategies.
Among these strategies, the approach of using advanced biomass pyrolysis with reduced
emissions to produce biochar soil amendments, in addition to bio-syngas and biofuels,
appears to be a particularly promising pathway to sustainability. (Lehmann, 2006; Zhao
et al., 2014) The use of biomass is considered the only carbon-based renewable energy
resource, (Bridgwater, 2008; Dhillon and Wuehlisch, 2013) and thus, we must investigate
the application and feasibility of each of the aforementioned by-products in the global
economy. Furthermore, as our knowledge on biochar production and processing
continues to increase, along with technology, the need for life cycle assessment of every
aspect of biochar must also be considered prior to large scale application.
1.2

Motivation
Over the past decade, biochar has been the focal point of many studies all

around the world. Prior to the research encompassed in this dissertation, scientists studied
the effects of biochar in soil in great detail from its effects on soil microbes to its physical
ability to retain nutrients, specifically cations, and other aspects as it pertains to the
environment. However, in this study, the primary motivation was to forecast possible
This dissertation was formatted based on the Journal of Environmental Management
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problems related to the environment other than biochar-soil interactions. When
considering the effects of fertilizers, two potentially hazardous scenarios arise: 1) runoff
into freshwater streams, lakes, etc. (Hart et al., 2004) and 2) leaching into groundwater
effecting downstream freshwater (Di et al., 2008). Although biochar is not a fertilizer, if
one was to apply the same strict life cycle assessment criteria towards its fate in the
environment, then naturally one might consider what potential hazards arise after heavy
rain and flooding. If biochar was used as a soil amendment, how might biochar be
affected by heavy rain and flooding? More specifically, what type of organic compounds
may runoff into freshwater ecosystems? If potentially hazardous, how might the
compounds associated with biochar affect freshwater organisms, especially primary
producing algae?
A secondary motivation was to consider biochar the primary product of biomass
pyrolysis for its application as both valuable soil amendment and carbon sequestration
technique. As others have pointed out, one of the most efficient thermochemical process
for the production of biochar on a large scale is slow pyrolysis. (Roberts et. at., 2009)
Therefore, an additional focus of this dissertation was to investigate whether or not slow
pyrolysis temperature and biomass source affects the amount and chemical composition
of water soluble organic compounds and whether or not they are potentially hazardous.
Do certain types of biomass, woody biomass containing lignin or waste products such as
chicken litter, contain more or less water extractable organic compounds? Does
temperature have a greater influence than biomass source?
To answer these questions, one must first establish a quick, simple and
effective technique for monitoring the effects of potentially hazardous water soluble

3
organic compounds on the growth of aquatic microorganisms, algae. After the initial
assessment, the ability to characterize these compounds using highly advanced analytical
techniques becomes necessary if proper mitigation is to take place. These findings will
help further our knowledge beyond the primary interactions of biochar and soil as well as
call attention to any potentially toxic environmental impacts.
1.3

General Hypotheses
Several years ago, the biochar community focused on a variety of biochar-

soil interactions that were necessary prior to field studies. Because biochar was still a
fairly new area of research, over the past decade the biochar community spent most of its
efforts investigating biochars physical characteristics, production efficiency and
effectiveness to increase crop production. To the best of my knowledge, little information
about biochar water extractable organic compounds had been published, especially their
potential impact on the growth of aquatic organisms, and furthermore, how they are
formed and most importantly how to mitigate their involvement in nature.
Therefore, below are listed the general hypotheses steering the research in
this dissertation:
● Biochar will release toxic water extractable (soluble) organic compounds that
will affect the growth of aquatic photosynthetic algae, the primary producers
in freshwater ecosystems.
● Biochar water extractable (soluble) organic compounds’ chemical
composition is complex and varies heavily on slow pyrolysis reaction
temperature and biomass source.
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● Biochar reactor engineering and production processes ultimately define water
extractable organic compounds’ freshwater algal toxicity.
1.4

Organization of Chapters
The second chapter starts with a general background and narrows into

more specific topics including the effects of biochar on microorganisms and the
characterization of biochar water extractable organic compounds.
The third chapter is the initial study that showed the potential harmful
effects of biochar water extractable organic compounds on the growth of aquatic
photosynthetic algae, blue−green algae (cyanobacteria Synechococcus) and eukaryotic
green algae (Desmodesmus). This chapter also investigates further separation of biochar
water extractable organic compounds into three fractions based on their molecular sizes
and electric charges through an electrodialysis separation process. Chapter three was
published in ACS Sustainable Chemistry & Engineering in 2013.
The fourth chapter expands on the third chapter with further
characterization via ultra-high resolution mass spectrometry. In this study electrodialysis
separation products were analyzed using electrospray ionization (ESI) coupled to Fourier
transform ion cyclotron resonance mass spectrometry (FTICR-MS) to investigate biochar
water extracts at a molecular level. This was done to enhance our understanding of the
toxic nature of pinewood-derived biochar water extracts as compared to benign peanut
shell-derived biochar water extracts. The co-authors on this project include Rachel
Sleighter and Patrick Hatcher. It was published in Environmental Science & Technology
in 2013.
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The fifth chapter investigates the sources of biochar water soluble organic
compounds (WSOC) as a function of biomass materials (cellulose and lignin) and
pyrolysis temperature (300°C to 500°C) in relation to their potential toxicity to
freshwater blue-green algae (Synechococcus). Additionally, the study investigated
toxicity caused by an imperfect reactor condition, such as the presence of cold spots and
insufficient evacuation of pyrolysis intermediates. The co-authors on this project include
Patrick Hatcher and Sandeep Kumar. It was published in ACS Sustainable Chemistry &
Engineering in 2016.
The sixth chapter summarizes the general conclusions from the combined
biochar studies and the future direction of work in this area of biochar research as it
pertains to engineering, biological and chemical characterization efforts.
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CHAPTER 2
BACKGROUND
2.1

General
Biochar can be defined as the solid residue obtained from the pyrolysis,

the process of thermal degradation in the absence of oxygen, of biomass for the deliberate
use as a soil amendment and carbon sequestration. (Chan et al., 2008; Spokas et al., 2012)
Its carbon, and often oxygen, rich condensed aromatic structure has shown to be an
effective substrate for the retention of nutrients, metals, etc. that could be advantageous in
multiple environmental scenarios including agriculture and waste management.
(Atkinson et al., 2010) When biochar was first proposed as a possible soil amendment
and carbon sequestration, many researchers were skeptical of its stability, asking
questions such as, “how long will biochar remain stable if used as a carbon
sequestration?” and “how long would biochar retain its physical characteristics associated
with fertility effects?” (Lee, 2012) A response to these questions would require the
performance of long-term biochar field studies over hundreds of years, which is neither
practical nor possible in our lifetime. (Lee, 2012) It wasn’t until a natural carbon-rich
solid material (black carbon) was discovered in the “Terra Preta” soils of the Amazonian
region (Brazil) that scientists were provided with strong evidence for the potential
stability of biochar. (Atkinson et al., 2010) This was important because both black carbon
and biochar share similar characteristics in chemical nature and biological function. In
two sites in Brazil, Acutuba and Jaguariuna, carbon-isotope dating results showed that
black carbon, nearly identical to biochar, and charcoal have been dated to about 6,850
years and 9,000 years ago respectively, suggesting the stability of biochar for hundreds to
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thousands of years. (German, 2003; Gouveia et al., 2002) Considering the significant
stability of “Terra Preta”, biochar’s potential role as a carbon sequestration from the
pyrolysis of biomass caught the eye of the scientific community.
In order to be truly feasible and worth the energy input, all products from
biomass pyrolysis (biochar, bio-oil and syngas) must be effectively utilized. (Raveendran
and Ganesh, 1996; Maroušek, 2014) It is important to mention that the conversion of
biomass to biochar via pyrolysis can be performed with almost any organic material, but
ought to focus on the utilization of unwanted biomass such as cornstovers, rice straw and
other crop residues. This can help prevent competition with other industries as well as
limit energy needed in harvesting. (Laird et. al, 2009) The theory behind carbon
sequestration via biomass pyrolysis is quite rational, and can be explained using the
“carbon cycle”.
Currently, our society produces an estimated 8.67 gigatons (Gt) of CO 2 through
the burning of fossil fuel emissions each year, (Lee et al. 2010) with emission side-effects
constantly under debate. Regardless of the effects, humans are producing and not
consuming CO2, and therefore, the “carbon cycle” is no longer a “cycle”. If the global
carbon cycle is studied carefully, it is estimated that roughly 120 Gt of carbon (C) is
released into the atmosphere from the respiration and decomposition of terrestrial
biomass each year. However, if we interfered with these natural processes by gathering
terrestrial biomass prior to respiration and decomposition, then the potential to
counterbalance CO2 emissions could be possible. (Babu, 2008) Terrestrial biomass
harvest CO2 from the atmosphere, more effectively than any man made process, through
photosynthesis with no energy input necessary. (Ioelovich, 2015) Ideally, our goal would
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be to employ biomass pyrolysis using unwanted or waste biomass to sequester carbon in
the form of biochar, and thus, prevent the decomposition of biomass into atmospheric
CO2. The use of biochar as a carbon sequestration is estimated around 428 GtC
(calculated by Lee et al. 2010) which is far beyond the amount of CO 2 produced from
fossil fuel emissions. It is important mention that this strategy will only be effective if
biomass pyrolysis production is engineered in a manner that uses extremely low energy
input, utilizes all by-products, and most importantly, does not produce more carbon
(CO2) than it sequesters. (Roberts et al., 2009) Therefore, research and development of
biochar production must continue to strive to make biomass pyrolysis a true “carbonnegative” approach.
2.2

Structural Components of Biomass
It is known that terrestrial biomass composition is an important variable in

the formation of biochar, and it varies significantly between different genus and species
of trees, grasses, etc. Nevertheless, three major components present in all terrestrial
biomass are cellulose (30-50% wt.), hemicellulose (10-40 % wt.) and lignin (5-30 % wt.),
with woods containing more lignin and grasses containing more cellulose. (McKendry,
2002)
Cellulose is the primary constituent of terrestrial plants and one of the most
abundant organic materials on earth. (Klemm et al. 2005; Hu et al., 2013) Briefly,
cellulose, in its purest form, is an unbranched polymer of β-D-glucopyranose units linked
together by 1,4-β-glycosidic bonds. These linkages occur from the condensation reaction
between the C1 oxygen atom on one glucose unit and the C4 oxygen atom on the next.
(Gardner and Blackwell, 1974) Structurally, the individual glucose units that make up the
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polysaccharide have hydroxyl groups located in the equatorial positions that allow for
extensive hydrogen bonding, giving cellulose a highly ordered structure. Interchain
hydrogen bonding between cellulose chains makes the biomolecule rigid, and thus, the
resultant fibers are strong and insoluble in most solvents. (Nishiyama et al., 2002)
Hemicellulose is another essential carbohydrate constituent of plants made up of
mixed polysaccharides with monomeric sugars composed of six (mannose, galactose,
glucose) and five (xylose, arabinose) carbon rings. (Saha, 2003) Within plants,
hemicellulose is bound to cellulose and lignin by covalent and noncovalent (hydrogen
bonding) cross-linkages in the cell wall, adding more rigidity and strengthening the cell
wall’s fibrous structure. (Fry, 1986; Silveira et al., 2013) A major difference between
cellulose and hemicellulose is that the latter contains a number of side chains that include
acetic acid, pentoses, hexuronic acids and deoxyhexoses, while cellulose does not. These
side chains make hemicellulose more hydrolysable than cellulose, and thus hemicellulose
is less stable and more susceptible to chemical and biological degradation. (Pérez et al.,
2002)
Lignin is a complex, high molecular weight (HMW) biopolymer
composed of phenylpropanoids and primarily responsible for providing strength,
structure and protection in terrestrial plants. Lignin is formed from the enzyme-initiated
random free-radical copolymerization of three different phenylpropane monomers (pcoumaryl alcohol, coniferyl alcohol, and sinapyl alcohol), often referred to as
monolignols. (Klein and Virk, 2008) The polymerization of these monolignols results in a
heterogeneous, non-water soluble and optically inactive structure linked commonly by βO-4 aryl ether (most abundant), α-O-4 aryl ether, 5-O-4 diaryl ether, β-5-
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phenylcoumaran, 5-5-biphenyl, β-1-(1,2-diarylpropane), and β-β-(resinol) linkages.
(Pandey and Kim, 2011) Lignin’s structural complexity and HMW makes it extremely
resistant to microbial and chemical degradation. (Pérez et al., 2002) It also helps in the
control of fluid flow and acts as an antioxidant by absorbing UV light.
2.3

Biomass Pyrolysis
Pyrolysis is the process of thermal heating, or thermal degradation, of

biomass in the absence of oxygen. (Babu, 2008) The resulting thermal decomposition
yields specific amounts of solid (biochar), liquid (bio-oils) and gas (syngas) based on the
applied pyrolysis reaction conditions. Three main pyrolysis techniques are used to obtain
the aforementioned by-products in the highest yield: slow pyrolysis, fast pyrolysis and
gasification.
Slow pyrolysis is characterized by heating in the absence of oxygen with
relatively low temperatures, ranging from 300°C to 700°C, with heating rates often less
than 10°C min-1 (slow) and residence times ranging from minutes to days (long).
(Williams and Besler, 1996; Manyà et al., 2013) Residence time refers to the time in
which pyrolysis is kept at the highest (or ideal) treatment temperature. The primary
product and goal of slow pyrolysis is to produce a carbon rich solid residue referred to as
char. Similar to slow pyrolysis, fast pyrolysis is performed in the absence of oxygen at
lower temperatures from 400°C to 600°C. Unlike slow pyrolysis, fast pyrolysis is heated
at a much faster rate, as high as 1000°C sec-1, with residence times often occurring in a
matter of seconds (short). The shorter residence times associated with fast pyrolysis, and
often rapid quenching of vapors, yields the primary by-product, bio-oil, in high amounts.
(Zhang et al., 2007)
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An important difference between slow and fast pyrolysis is the yield of the
primary by-products, biochar and bio-oil, which can be explained in theory by basic
thermodynamics and kinetics. Slow pyrolysis is considered a thermodynamically
controlled process because reactants and products are allowed an appropriate amount of
time to reach equilibrium, in which, products will form based on temperature and
pressure, not on reaction rate. (Mok and Antal, 1983; Ranzi et al., 2008) Fast pyrolysis,
on the other hand, is a kinetically controlled reaction because pyrolysis intermediates
(vapors) are removed as soon as they are produced which prevents them from either
condensing to secondary char or cracking into low molecular weight (LMW) syngas.
(Antal and Varhegyi, 1995; Ranzi et al., 2008) For this reason, fast pyrolysis is often
performed under vacuum, or constantly exposed to inert sweep gas, in order to remove
the intermediates quickly enough to yield bio-oil in high yields. Therefore, I believe if
biochar is used as a soil amendment or for carbon sequestration then large scale
production would need to utilize a continuous biomass slow pyrolysis technique. This is
substantiated by Gaunt and Lehmann (2008) and Roberts et al. (2009) who indicated
biochar’s economic feasibility is heavily dependent on the pyrolysis process and the
feedstock production costs in which both use slow pyrolysis as the most profitable
technique with current technologies.
Gasification is a unique process that utilizes precise amounts of oxygen,
usually around 25% in order to control combustion, at high temperatures ranging from
750°C-1800°C to produce specific gaseous products (the primary by-products). Because
oxygen is limited, biomass is converted primarily into carbon monoxide (CO) and
hydrogen gas (H2) instead of complete oxidation (combustion) into carbon dioxide (CO 2)
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and water (H2O). (Kirubakaran et al., 2009) Theoretically, gasification can be
stoichiometrically controlled in a thermodynamic process, but realistically, equilibrium is
often hard to achieve with current reactors, and thus, viscous tars are formed. Viscous
tars can cause serious clogging issues in gasification reactors and have been a major topic
of research in the syngas industry. (Devi et al., 2003)
2.4

Biochar Formation
The transformation of biomass to char via pyrolysis depends heavily on biomass

composition, temperature, and residence time, and often studied via thermal gravity
analysis (TGA). (Chen et al., 2014; Ferrara et al., 2014) According to TGA, biomass
thermal degradation undergoes three main stages: In the first stage, below 200°C,
biomass undergoes initial internal rearrangements (bond breakage), appearance of free
radicals, formation of carbonyl groups, reduction of the biomass molecular weight and
evolution of water (H2O), carbon monoxide (CO) and CO2. The second stage, 200 300°C, biomass begins to depolymerize into anhydro-sugar compounds (i.e.
levoglucosan) and light volatiles such as acids, furans and aldehydes. In the final stage,
above 300°C, char continues to devolatilize by cleavage of C-H and C-O bonds.
(Keiluweit et al., 2010; Yang et al., 2007)
To elaborate on the final stage (above 300°C), primary products (volatiles and
light tar) fragment or react with free radicals, depending on the temperature, residence
time and pressure. As previously discussed, slow pyrolysis (long residence times, little to
no pressure, lower temperatures) favors the recombination of the aforementioned primary
products to form char, water, CO and CO2 from secondary tar. At higher temperatures,
secondary tar is cracked into hydrocarbons, H2, CO, CO2 and black carbon, and thus, char
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yields decrease as a function of pyrolysis temperature. Furthermore, as temperature
increases, aromatization continues via oxidation and condensation (C-O and C-H bond
cleavage) reactions that increase the carbon percentage of the char. (Yang et al., 2007;
Keiluweit et al., 2010)
2.5

Bio-oil Formation
Pyrolysis bio-oils have many synonyms including pyrolysis liquids, pyrolysis oil,

wood oil, wood liquids, pyroligneous acids, liquid smoke, bio-crude oil, etc. All of these
names describe a similar yellowish-brown to dark reddish-brown complex mixture of
highly oxygenated compounds, over 300 identified, (Czernik and Bridgwater, 2004) from
the thermal decomposition of hemicellulose, cellulose and lignin. Many reviews have
been published on pyrolysis bio-oil production and composition. (Czernik and
Bridgwater, 2004; Mohan et al., 2006; Xiu and Shahbazi, 2012; Papari and Hawboldt,
2015). In summary, at lower temperatures, from 100°C to 250°C, biomass begins
transforming via dehydration, and thus, a major component of biomass derived bio-oil is
water. Water in bio-oil can account for as much as 20 to 30 wt% making it difficult to
separate and use as a renewable fuel source. (Oasmaa and Kuoppala, 2003) Over this
same initial temperature range, fragmentation reactions and the degradation of
hemicellulose occurs giving rise to quantitative amounts of light volatile organic
compounds (VOCs), e.g. acetic acid, formic acid, methanol, lactic acid, furfural and
hydroxyl acetone. Thus, bio-oil is typically acidic in nature ranging from pH 2 to 3.
(Hilten and Das, 2010) As temperature increases further from 240°C to 350°C, the
carbon, hydrogen and oxygen rich cellulose depolymerizes to form anhydro-sugars (e.g.
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levoglucosan) which can thermally degrade, and/or react further, to form furans,
aldehydes, carboxylic acids and other light VOCs. (Mohan et al., 2006) Due to the large
amount of cellulose and hemicellulose present in biomass, anhydro-sugars make up as
much as 10 wt% of bio-oil.
Meanwhile, lignin decomposition is starting around 280°C, and is by far the most
thermally stable component of biomass with observable thermal decomposition occurring
as high as 900°C. (Chen et al., 2013) As discussed above in section 2.2, lignin is a highly
complex aromatic biopolymer connected via ether and carbon-carbon bond linkages.
High temperatures cause these bonds to break into a number of aromatic VOCs and
semivolatiles. Some estimate that lignin degradation products have a molecular weight as
high as 5000 amu with phenolic, carboxyl and aldehyde functionalities. The composition
of these compounds vary heavily on pyrolysis temperature, residence time and rate of
heating. (Mohan et al., 2006) In summary, the combination of hemicellulose, cellulose
and lignin decomposition products (and the reactive pyrolysis environment) lend to the
complexity of bio-oil, and therefore, they are difficult to fully characterize.
2.6

Potential Role of Bio-oil Associated with Biochar in the Environment
As discussed in prior sections, pyrolysis conditions and biomass are two

significant factors determining the amount of biochar and type of bio-oil product
associated with biochar. It is important to realize that biochar and bio-oil are not entirely
separate products. When it rains and occasionally floods, hydrophilic organic compounds
associated with bio-oil become mobile in the pores of biochar and on the surface of
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biochar. These compounds could runoff into freshwater lakes, rivers, streams, etc. which
could be potentially toxic to a number of organisms.
Herein, this dissertation investigates the formation of hydrophilic organic
compounds associated with the slow pyrolysis production of biochar and their toxicity on
the growth of aquatic microorganisms, specifically algae. Algae are ubiquitous organisms
that occupy almost every habitable environment on earth, including soils, permanent ice,
hot springs and deserts. (Abdel-Raouf et al., 2016) Algae are one the most important
primary producers in aquatic environments in which their abundance, density and
diversity are exemplary indicators of the aquatic ecosystem and water quality health.
(Ramaraj et al., 2015) Furthermore, algae also possess the same basic biochemical and
physiological pathways as many higher plants. (Abdel-Raouf et al., 2016) For the
aforementioned reasons, algae would be an ideal aquatic microorganism for assessing the
potential toxic impacts of biochar water soluble organic compounds. More specifically, it
is estimated that the genus Synechococcus are responsible for approximately 25% of the
worldwide primary production in the marine environment, (Waterbury et al., 1986) and
also include a number of freshwater species found commonly in lakes, streams and rivers.
Synechococcus elongatus is a particular freshwater cyanobacterium that has been used in
many studies throughout literature due to its well documented genome and ability to
tolerate a number of environmental conditions. (McEwen et al., 2012) The majority of
this dissertation uses Synechococcus elongatus as a representative algal species for the
potential toxicity of biochar WSOC in aquatic environments. In addition, eukaryotic
green algal species, Desmodesmus, was also used to conduct similar toxicity experiments
to see if there was a difference between it and prokaryotic, blue-green algae,
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Synechococcus. Desmodesmus, like Synechococcus, is a primary producer, (Seeland et
al., 2012) and thus, makes for an effective test species. Desmodesmus was selected
mainly due to availability and convenience as it was isolated locally in Virginia by Drs.
Harold G. Marshall and Andrew Gordon of ODU’s Biology Department.
Furthermore, the studies presented below begin with the investigation of three
biochars produced from pinewood chips, peanut shells and chicken litter. These different
biochars were extracted with water and tested on the growth of Synechococcus sp. and
Desmodesmus sp. Biochar samples were generously donated from Dr. Sandeep Kumar
(pinewood chips, produced at Auburn University) and Danny Day (peanut shell and
chicken litter, produced at Eprida Inc.). It’s important to point out that all biochar
samples were produced from waste biomass that would only degrade and attribute to the
atmospheric CO2. In order for biochar to be a useful technique for carbon sequestration,
we must take advantage of the energetically-favorable, natural photosynthetic process
and prevent the respiration and degradation of unwanted biomass.
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CHAPTER 3
POTENTIAL IMPACT OF BIOCHAR WATER-EXTRACTABLE SUBSTANCES
ON ENVIRONMENTAL SUSTAINABILITY
A paper published by ACS Sustainable Chemistry & Engineering
Cameron R. Smith, Eric M. Buzan, James W. Lee
Abstract
Application of biochar as a soil amendment could be a significant approach for carbon
sequestration to possibly control climate change for energy and environmental
sustainability. However, more studies are needed in a number of research areas, including
the development of clean biochar materials free of any harmful substances, before this
approach could be implemented at a global scale. In this study, biochar water-extractable
substances were tested for their potential harmful effects on the growth of aquatic
photosynthetic microorganisms including both blue−green algae (cyanobacteria
Synechococcus) and eukaryotic green algae (Desmodesmus) that represent the primary
photosynthetic producers of the aquatic environment. The water extracts from three
different biomass-derived biochar materials varied widely in their dissolved organic and
inorganic contents, as well as in their characteristics including their pH values. Bioassays
with pinewood-derived biochar water extract showed a significant inhibitory effect on
aquatic photosynthetic microorganism growth in a dose-dependent manner, while chicken
litter and peanut shell-derived biochar water extracts showed no signs of growth
inhibition. The pinewood-derived biochar water-extracted substances were further
separated into three fractions based on their molecular sizes and electric charges through
an electrodialysis separation process using a cellulose−acetate membrane with a 500-
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delta cutoff pore size. Our analysis showed that the active component of pinewoodderived biochar water-extracted substances that are toxic to both blue−green algae
(cyanobacteria Synechococcus) and eukaryotic green algae (Desmodesmus) is likely a
500-delta (or smaller) organic chemical species that carries at least one carboxyl group.
This finding is important to engineering a high-tech biochar that can be free of any
undesirable substances for its soil applications toward agricultural and environmental
sustainability.
3.1

Introduction
The world currently faces a systemic energy and environmental problem

of increasing CO2 emissions and global climate change. Solving this problem requires a
comprehensive portfolio of research and development efforts with multiple strategies.
Among these, the approach of using advanced biomass pyrolysis with reduced emissions
to produce biochar soil amendments, in addition to biosyngas and biofuels, appears to be
a particularly promising pathway to sustainability. The central idea is that biochar,
produced cleanly and sustainably by pyrolysis of biomass wastes and used as a soil
amendment, would “lock up” biomass carbon in a form that can persist in soils for
hundreds to thousands of years, while at the same time helping to retain nutrients in soils
and reduce the runoff of agricultural chemicals. (Lee and Day, 2012) This approach is
receiving increased worldwide attention. (Day et al., 2005; Downie et al., 2011;
Lehmann, 2007) Globally, each year about 6.6 gigatons (Gt) of dry matter biomass (e.g.,
crop stovers, dead leaves, waste woods, and rice straws) are produced but not effectively
utilized. (Krausmann et al., 2011) Application of this approach could turn this type of
waste into valuable biochar, biosyngas, and biofuel products at gigaton scales in a
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distributed manner. (Serio et al., 2003) Worldwide, this approach could result in a net
reduction of greenhouse-gas emissions by about 1.8 Gt of CO 2−C equivalent emissions
per year, which is about 12% of the current global anthropogenic emissions. (Woolf et
al., 2010) This is a unique “carbon-negative” bioenergy system approach, which on a lifecycle basis could not only reduce but also reverse human effects on climate change. (Lee
et al., 2010) However, much more studies are needed before this approach can be
considered for widespread implementation. First of all, biochar occasionally shows
inhibitory effects on plant growth. (Gundale et al., 2007; Rillig et al., 2010; Rondon et al.,
2007) Organic species including possibly inhibitory and benign (or stimulatory)
chemicals are produced as part of the biomass pyrolysis process. (Deenik et al., 2010;
Olsson et al., 2004; Song and Peng, 2010; Spokas et al., 2010) Thus far, very little is
known about the mechanisms of these factors. If biochar were to be globally used as a
soil amendment and carbon sequestration agent at gigatons of carbon (GtC) scales, the
release of potentially toxic compounds into soil and associated hydrological systems
(rivers, lakes, and oceans) might have negative consequences in both agro-ecosystems
and aquatic environmental systems. It is essential to produce this knowledge and mitigate
against any undesirable effects in order for biochar to be used as a soil amendment and
carbon-sequestration agent at gigaton scales.
In the past, researchers have studied the effects of biochar on soil biota in
both harmful and beneficial aspects, (Lehmann et al., 2011) but to our knowledge, little
attention has been paid to the possible effects of biochar water-extractable substances on
aquatic microorganisms. Water-extractable organic carbon and inorganic nutrient species
have been reported in a number of biochar materials. (Abiven et al., 2011; Lin et al.,
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2012; Wu et al., 2011) Through soil rainwater runoff and leaching, significant amounts of
biochar water-soluble chemical species could enter the hydrologic system, possibly
affecting the aquatic microorganisms in nearby rivers, lakes, etc., especially if biochar
materials were to be used as a soil amendment and carbon sequestration agent at gigaton
scales. Here, we report our recent study on extraction and examination of biochar waterextractable substances (BWES) and their effect on the growth of aquatic photosynthetic
microorganisms including both blue−green algae (cyanobacteria Synechococcus) and
eukaryotic green algae (Desmodesmus), which represent the primary photosynthetic
producers in the aquatic environment, relevant to energy and environmental
sustainability. The main objective of this study was to assess the possible effect of BWES
on aquatic microorganisms including both prokaryotic and eukaryotic algae by
monitoring their growth via absorbance measurements at the algal chlorophyll peak
wavelength. The findings reported here may have practical implications in developing
better biochar materials with higher cation change capacity and free of any undesirable
substances for soil applications toward energy, agricultural, and environmental
sustainability. (Lee et al., 2012)
3.2

Materials and Methods

3.2.1 Biochar Materials
Three different biochar samples were used in this study: (i) peanut shellderived biochar (PSB), (ii) chicken litter-derived biochar (CLB), and (iii) pinewoodderived biochar (PWB). The peanut shell- and chicken litter-derived biochar materials
were produced from pelletized peanut shells and chicken litter through pyrolysis at 411
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and 424 °C, respectively, using a superheated steam pyrolysis unit at Eprida Inc. (Athens,
GA). The pinewood-derived biochar was produced at Auburn University. Pinewood chips
were obtained from a local wood chipping plant in Opelika, AL. Pinewood chips
obtained from the plant were clean (no bark and leaves). Wood chips were dried in a
conventional oven for 24 h at 75 °C and ground using a hammer mill (New Holland
Grinder model 358) fitted with 3.175 mm (1/8 in.) screen size. After drying and size
reduction of wood chips, the wood chips that were fractionated using a sieve analysis and
the particles in the range of 0.841−1.41 mm (U.S. Sieve no. 14−20) were used in this
study. The pinewood biomass was converted into bio-oil and biochar through the fast
pyrolysis process using an auger reactor, designed and fabricated at Auburn University.
(Thangalazhy et al., 2010) Average yield of biochar from the pinewood was about 33 wt
% at the pyrolysis temperature of 450 °C measured on the outside of the reactor. Figure 1
shows the side-by-side comparison of the three different biochar samples prior to
extraction of water-extractable substances.

Figure 1. Image showing 5 grams of biochar samples prior to extractions: pinewood
derived biochar (left), peanut shell derived biochar (middle) and chicken litter derived
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biochar (right). All samples had similar smoky char smell, respectively, but with minor
individual uniqueness as well.
3.2.2

Extraction of Biochar Water-Extractable Substances

Extraction of water-soluble substances from biochar was performed by
soaking 50 g of biochar sample material (mentioned above) in 200 mL of ultrahighquality (UHQ) Milli-Q water (Millipore). The biochar−water mixture was placed on a
shaker platform operating at 100 rpm for at least 24 h. The biochar−water mixture was
transferred to 500-mL centrifuge tubes and centrifuged at 5000 rpm (×4682g) with JLA10.5 rotor at 4°C for 15 min using a Beckman Coulter Avanti high-speed centrifuge
(model no. J-26 XP). The supernatants and pellets were collected separately. Then, the
biochar−water mixture was vacuum-filtered through a Whatman grade-1 qualitative filter
paper (11 μm pore size) via a 12-cm diameter Buchner funnel. The collected supernatants
were then frozen and freeze-dried (170 Torr, −75 °C) to obtain the biochar waterextractable substances (BWES) in dryness as shown in Figure 2. The dry mass of the
BWES shown in Figure 2 was 1.693 g of BWES/50 g of pinewood-derived biochar,
5.334 g of BWES/50 g of chicken litter, and 0.247 g of BWES/50 g of peanut shellderived biochar.
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Figure 2. Image showing flasks containing the dry mass of the water-extractable
substances from the three different biochar samples derived from: pinewood (left),
chicken litter (middle), peanut shell (right).
The dry mass BWES were redissolved in a smaller amount of Milli-Qdeionized water to make their stock solutions at the following concentrations: 28.2 g of
pinewood BWES/L, 28.2 g of chicken-litter BWES/L, and 14.1 g of peanut-shell
BWES/L (this lower concentration was made owing to its limited dry mass of 0.247 g).
The pH values of the pinewood BWES, chicken-litter BWES, and peanut-shell BWES
solutions were determined to be 3.94, 8.87, and 9.09, respectively. These three stock
solutions were used to conduct biochar assays in duplicates for 3 experiments (total six
replications). To determine whether the pinewood BWES solution’s acidity (pH = 3.94)
could be an influencing factor in the bioassay, a portion of the pinewood BWES solution
was neutralized with sodium hydroxide to pH 7.83. The neutralized pinewood BWES
solution was used in a separate bioassay in duplicate as well.
3.2.3

Bioassay of Biochar Water-Extractable Substances
Bioassays of biochar water-extractable substances with both blue−green

(prokaryotic) and green (eukaryotic) algae cells were conducted using Corning Costar 12well culture plates with 5-mL capacity. The blue−green algae Synechococcus elongatus
(ATCC-33912) used in the assay was obtained from the American Type Culture
Collection (ATCC). BG-11 medium (ATCC, 616 medium) was prepared and used as the
Synechococcus culture medium for the bioassay experiments. A small amount (ranging
from 0 to 100 μL) of BWES solution was then added into the 5-mL bioassay well
containing 2250 μL of liquid algal culture. Any liquid volume difference due to the
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addition of stock solution was properly balanced with small amounts of deionized water
(ranging from 150 to 250 μL) to give a total volume of 2.5 mL for each assay well. The
final BWES concentrations (doses) in the bioassay liquid medium were 1.13, 0.564,
0.282, 0.0564, and 0 g/L (control). More specifically, the total liquid volume of each well
was limited to 2.5 mL (half volume of a 5-mL well) to minimize any possible spillover
(cross-contamination) between wells. On each plate, 2 wells were designated as blanks
and filled with 2.25 mL of uncultured BG-11 medium and 0.25 mL of Milli-Q water. All
12-well culture plates were placed on a shaker platform operating continuously at 100
rpm. The algal culture bioassay plates were illuminated at an actinic intensity of about 25
μE/m2·s provided by use of daylight fluorescent lamps above the shaker platform. The
actinic intensity was measured at the position of the algal bioassay plates using a Li-Cor
quantum photometer (LI-250A). Similar bioassay of the biochar water-extracted
substances were conducted with eukaryotic algae, Desmodesmus strain 4N2, isolated
locally in Virginia by Drs. Harold G. Marshall and Andrew Gordon of ODU’s Biology
Department. The Desmodesmus bioassay conditions were essentially the same as those of
Synechococcus except that a Desmodesmus-specific culture medium (RLH-2) was used
instead of the BG-11 medium. Furthermore, bioassays with equivalent dissolved organic
carbon (DOC) dose (0.158 g of DOC/L) of the pinewood BWES and peanut-shell BWES
were subsequently conducted on Synechococcus.
Bioassay comparing equivalent dissolved organic carbon (DOC) amounts
between pinewood derived BWES and peanut shell BWES was performed in a manner
similar as above. Each well was filled with 2200 µL of liquid algal culture
(Synechococcus, BG-11) and 300 µL of BWES stock solution and MilliQ water to give a
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total volume of 2.5 mL with an equivalent 0.158 g DOC/L concentration. To make a
pinewood BWES dose of 0.158 g DOC/L, 25 µL of pinewood BWES stock solution and
275 µL of MilliQ water were used with 2200 µL of liquid algal culture (Synechococcus,
BG-11) per well. Similarly, to make a peanut shell BWES dose of 0.158 g DOC/L, and
262.4 µL of peanut shell BWES stock solution and 38.6 µL of MilliQ water were used
with 2200 µL of liquid algal culture (Synechococcus, BG-11) per well. Note, because
chicken litter BWES contains large amounts of inorganic salts (about 99%) with very
little DOC content (1%), it is practically not feasible to make a chicken litter BWES dose
of 0.158 g DOC/L without significantly altering other experimental parameters such as
the inorganic salts concentrations in a final culture assay medium. Alteration of other
experimental parameters such as the inorganic salts concentrations in the final culture
assay medium could cause some other unknown effects that would make it problematic to
accurately analyze the effect of chicken litter BWES DOC. Therefore, in this set of DOCbased bioassays, only pinewood BWES and peanut shell BWES were comparatively
tested with Synechococcus at the BWES dose of 0.158 g DOC/L. On day 10 of the 0.158
g DOC/L bioassay, 100 µL of the pinewood BWES DOC-exposed algal culture were
transferred to a new Corning® Costar® 12-well culture plate well containing 2100 µL of
uncultured BG-11 medium to give a combined volume of 2200 µL algal liquid culture
volume as used in the above assay. The same ratio of pinewood BWES stock solution (25
µL) to MilliQ water (275 µL) was used to make a 0.158 g DOC/L concentration dose
with a total volume of 2.5 mL for the DOC-reintroduction bioassay experiment.
3.2.4

Algal Growth Monitoring
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The algal growth in every well of the multiwall plates was monitored by
measuring the change in absorbance at 680 nm (algal chlorophyll absorbance peak) and
by recording other observable changes (color and transparency) via photographs. At the
beginning (day 0 or 1), middle (day 7 or 8), and end (day 14, 15, or 16) of the
experiments, absorbance spectra in a wavelength range from 300 to 750 nm were
measured using BioTek Synergy HT multimode microplate reader. Absorbance
measurement readings at 680 nm were taken daily for all bioassay wells for each plate
using the same BioTek Synergy HT multimode microplate reader as well. The
absorbance reading for a 12-well plate was programed to take about 1−3 min at
temperatures ranging from 25 to 28 °C inside the microplate reader instrument.
Gen5TM Microplate Data Collection and Analysis software was used to
conduct all absorbance measurements. A full range spectrum from 300 nm to 750 nm was
obtained at the beginning (day 0 or day 1), middle (day 7 or 8) and end (day 14 to 16) of
the experiments. The algal chlorophyll peak-wavelength absorbance (680 nm) was
recorded daily. The original protocol using Gen5TM Microplate Data Collection and
Analysis software ran a total of 1 scan and lasted about 1 minute. Each plate was done in
duplicate, and therefore an average absorbance was obtained. To achieve more consistent
optical measurement with the multi-well algal culture plates, the protocol was modified
to scan each well four times with a 10 second slow shake kinetics programmed prior to
each scan lasting for a total of 3 minutes run-time per culture plate. This was also done in
duplicate and averaged for accurate statistical analysis. The original protocol was done
for all experiments and the modified protocol was re-done on the original BWES stock
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solution assay. The modified protocol with the original BWES stock solution experiments
showed consistent results.
3.2.5

Electrodialysis Separation of Biochar Water-Extracted Substances
The procedures for electrodialysis separation of biochar water-extracted

substances were followed directly from the methods for a mini-electrodialysis system for
desalting small-volume saline samples for Fourier transform ion cyclotron resonance
mass spectrometry. (Chen et al., 2011) Figure 3a and 3b shows the mini-electrodialysis
(ED) system (Harvard Apparatus) that was used to desalt/separate the biochar waterextracted substances to isolate the possible inhibitor substance. For each mini-ED system
desalting run, 1.5 mL of BWES stock solution was placed into a 1.5 mL Teflon sample
chamber (Figure 3d) in which two cellulose acetate membranes (Figure 3c) with a 500Da molecular weight cutoff (MWCO) pore size were placed at both ends. Prior to their
use, cellulose acetate membranes were stored in 0.05% sodium acetate solution and were
rinsed and soaked in Milli-Q water. After the sample chamber was placed into the miniED system, 600 mL of Milli-Q water was filled in the larger chamber where the anode
electrode resides, which will be referred to as the anode chamber.

28

Figure 3. Photographs showing (a) the set-up of the mini-electrodialysis (ED) system and
(b) a close up of the anode and cathode chambers separated by the sample chamber and
angled wall. Photograph (c) shows a cellulose acetate membrane (500 Da MWCO) used
in (d) the center Teflon sample chamber with 1.5 mL capacity.
The other smaller chamber with the cathode will be referred to as the cathode chamber
and is roughly equivalent to half of the anode chamber size (Figure 4 shows the
schematic diagram of the mini-ED system and a detailed description of the electrodialysis
process). The cathode chamber was filled with 300 mL of Milli-Q water, rendering an
equal water level in both chambers. A small power supply (maximum 200Vdc, 100 mA)
was attached to two electrodes in which 200 V was applied as shown in Figure 3a. The
salinity in each of the two chambers was monitored (Hanna Primo conductivity meter)
daily until their salinity became constant near the end of the electrodialysis (separation)
experiment. Unlike that of Chen et al. (2011), no additional water was added to
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compensate for the water loss due to evaporation and water electrolysis (O2 and H2 gas
production) at the anode and cathode. The anode and cathode chamber water (containing
electrodialysis-separated biochar water extracted substances) were collected and stored
separately in the freezer, while the resulting BWES stock solution inside the 1.5 mL
Teflon sample chamber (now referred to as the center chamber retained substances) was
stored in the refrigerator (6 °C). The frozen anode and cathode chamber water was
freeze-dried (170 Torr, −75°C). The dry masses of each chamber, which were then
referred to as anode-isolated and cathode-isolated substances, were redissolved in 10 mL
of Milli-Q water to be used as stock solutions for the dissolved organic carbon (DOC)
analysis and additional bioassays.

Figure 4. Diagram of mini-electrodialysis (ED) system consisting of the cathode and
anode at the two terminals and water chambers separated by the sample holder plate that
holds a 1.5 mL Teflon sample chamber. Original BWES stock solution (i.e. pinewoodderived BWES) was placed into the 1.5 mL volume Teflon sample chamber which was
sealed with two cellulose-acetate membranes at its two ends (one membrane separates the
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center sample chamber from the cathode chamber; the other membrane separates the
center sample chamber from the anode chamber) . A small power supply (maximum
200Vdc, 100mA) was connected to the anode (+) and cathode (-) facilitating the
movement of anions through the cellulose-acetate membranes (MWCO of 500 Dalton)
into the anode chamber water and the cations into the cathode chamber water. The two
chambers are separated by the angled wall holding the sample chamber allowing us to
harvest all three fractions (center chamber retained substances, anode-isolated substances,
cathode-isolated substances) separately.
3.2.6

Dissolved Organic Carbon Analysis

Samples of BWES stock solutions were analyzed for their dissolved
organic carbon (DOC) concentrations by high-temperature catalytic combustion to CO 2
via Shimadzu TOC-VCPH total organic carbon analyzer, calibrated with potassium
hydrogen phthalate (KHP). Dissolved inorganic carbon (DIC) was removed prior to
combustion by acidifying samples to pH 2 and sparging. Measurements were taken in
triplicate, and the average and standard deviation of the three measurements are shown in
Tables 1 and 2.

Table 1. Dissolved organic carbon (DOC) in biochar water extracts
biochar water
extract

pinewood
derived (pH
3.94)
peanut shell
derived (pH
8.87)
chicken litter
derived (pH
9.09)

total solute
(g/50 g of
biochar)

1.693 +
0.001

dissolved organic
carbon (g/50 g of
biochar)

0.952 +
0.003

% DOC
in total
solute

% nonDOC in
total solute

56.2 %

43.8 %

0.247 +
0.001

0.0265 +
0.0001

10.7 %

89.3 %

5.334 +
0.001

0.054 +
0.0001

1.01%

98.99%
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Table 2. Electrodialysis separation of pinewood biochar waterextractable substances (BWES) containing about 23.8 mg of dissolved
organic carbon (DOC)
fractions of
Pinewood-derived
BWES

dissolved organic
carbon (mg of carbon)

percentile distribution of
DOC after separation

center ch. retained
substances

7.61 + 0.09

31.4 %

15.4 + 0.1

63.4 %

cathode-isolated
substances

1.25 + 0.005

5.2 %

anode-isolated
substances

3.2.7

Bioassay of Electrodialysis-Separated Biochar Substances
Bioassays were conducted using electrodialysis-separated biochar

substances with a similar procedure as mentioned in the section 2.2.3 Bioassay of
Biochar Water-Extractable Substances. The separated pinewood BWES fractions
resulting from the electrodialysis-separation process include the center chamber retained
substances, anode-isolated substances, and cathode-isolated substances. The center
chamber retained (pinewood BWES) substances were assayed in the same way as that of
the pinewood BWES described in section 2.2.3 Bioassay of Biochar Water-Extractable
Substances in which the same volumes of center chamber retained substances (100, 50,
25, 5, 0 μL) as those of the pinewood BWES were used. Unlike in section 2.2.3 Bioassay
of Biochar Water-Extractable Substances, the total solute content (including both organic
matter and salts) of the center chamber retained pinewood BWES solution was likely
reduced because of the electrodialysis-separation process. Meanwhile, organic matter can
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be better represented by dissolved organic carbon (DOC) measurement. Following the
center chamber retained substances assay, the bioassays of the anode-isolated substances
and cathode-isolated substances were conducted in a similar manner. The stock solutions
of anode-isolated and cathode-isolated substances (mentioned above) were considerably
more dilute than the original pinewood BWES solution, and therefore the volumes of
tested substances solutions and cultured medium were adjusted. Adjusted aliquots
(volumes ranging 0−666 μL) of anode-isolated and cathode-isolated substances solutions
and the corresponding Milli-Q water (ranging from 666 to 0 μL to balance the total
volume) were added to 1.834 mL of culture medium, resulting in a total volume of 2.5
mL.
The anode and cathode chamber water of multiple mini-ED system trials
were combined into a 2-liter graduated Corning® media bottle. Exactly 400 mL of each
anode chamber water and cathode chamber water was transferred to a 1 liter VWR ®
polycarbonate sterile Erlenmeyer flask and stored in the freezer until frozen. The frozen
anode and cathode water was freeze-dried via VirTis® benchtop SLC lyopholyzer at 170
Torr and -75°C. The dry mass of the anode-isolated substances and cathode-isolated
substances inside the 1 liter VWR® polycarbonate sterile Erlenmeyer flasks were rinsed
thoroughly with two 5-mL aliquots of MilliQ deionized water and transferred to separate
15-ml vials. The dissolved organic carbon (DOC) was found to be about 0.712 g DOC/L
for the anode-isolated substances stock solution and 0.980 g DOC/L for the cathodeisolated substances stock solution, respectively (analysis was done according to materials
and methods section 2.2.6 Dissolved Organic Carbon analysis). The resulting 10 ml stock
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solutions of anode-isolated and cathode-isolated substances were used to conduct the
bioassay.
3.3

Results and Discussion

3.3.1

Biochar Water-Extracted Substances Bioassay
The bioassay results showed that the water-soluble substances extracted

from pinewood-derived biochar can inhibit both cyanobacteria (Synechococcus
elongatus) and eukaryotic algae (Desmodesmus) culture growth, while those extracted
from peanut shell-derived biochar and chicken litter-derived biochar appear to contain no
inhibitory factor. Figure 5a presents the observed growth curve of the Synechococcus
elongates culture in
BG-11 liquid medium with addition (1.13 g/L) of water-extractable substances from
biochars derived from three different biomasses: pinewood, peanut shell, and chicken
litter. As shown in Figure 5a, the cyanobacterial culture density for the treatment with
pinewood BWES (1.13 g/L) as measured by absorbance at 680 nm (chlorophyll
absorbance peak) remained unchanged (flat) during the entire assay period (17 days),
which indicated no growth (completely inhibited), whereas the treatment with peanutshell BWES (1.13 g/L) showed sigmoidal growth better than the control cyanobacterial
culture (with no biochar substance). The treatment with chicken-litter BWES (1.13 g/L)
displayed a sigmoidal growth curve almost identical to the control cyanobacterial culture.
These experimental results indicated that the water-extracted substances from the
pinewood-derived biochar may possess certain chemical species toxic, or inhibitory, to
cyanobacterial cells, whereas both peanut-shell BWES and chicken-litter BWES are
essentially benign. In fact, the addition of peanut-shell BWES (1.13 g/L) resulted in a
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somewhat stimulated cyanobacterial growth curve (better than the control) and could
possibly be attributed to an increase in nutrient content from the peanut shell BWES for
cyanobacterial cells. These observations were further documented through the
photographs of the bioassay plates in Figure 5b and 5c as well.

Figure 5. Bioassays of biochar water-extracted substances (BWES) with blue−green
algae, Synechococcus, in BG-11 culture medium. Graph (a) plots the algal growth
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(absorbance measurements at 680 nm) curves with the presence of 1.13 g of BWES/L
from pinewood (black, square), neutralized pinewood (red, dot), peanut shell- (blue,
triangle) and chicken litter- (orange, diamond) derived biochar, in comparison with the
0.0 g of BWES/L control (green, star); photographs on the left (b1 and c1) show the
Synechococcus assays at day 0 (beginning of assay) whereas the photographs in the
middle (b2 and c2) and the right (b3 and c3) show the assay plates at days 5 and 9,
respectively. Plate b: from column 1 to 4 row (i) pinewood derived BWES 1.13, 0.564,
0.282, and 0.0564 g/L; row (ii) neutralized pinewood BWES 1.13, 0.564, 0.282, and
0.0564 g/L; row (iii) 2 blanks (BG-11 only) and 2 controls (algae in BG-11 without
BWES). Plate c: from column 1 to 4 row (i) peanut shell-derived BWES 1.13, 0.564,
0.282, and 0.0564 g/L; row (ii) chicken litter-derived BWES 1.13, 0.564, 0.282, and
0.0564 g/L; row (iii) 2 blanks (BG-11 only) and 2 controls (algae in BG-11without
BWES).
The bioassay of the biochar water-extractable substances was completed
also with eukaryotic algae, Desmodesmus strain 4N2 isolated locally in Virginia, which
demonstrated similar results (Figure 6) consistent with those observed in cyanobacteria
Synechococcus culture growth (Figure 5a). Figure 6 shows that, upon addition of
pinewood BWES, complete inhibition of Desmodesmus culture growth was observed,
while peanut-shell and chicken-litter BWES showed no observable inhibitory effects. The
observation was documented through photographs of the bioassay culture plates in
Figures 6b as well. This is a significant result because it indicated that not only
prokaryotes (cyanobacteria Synechococcus) but also eukaryotic algae (Desmodesmus)
seem to be sensitive to certain biochar substances such as the pinewood-derived biochar
water-extracted substance. Both cyanobacteria and eukaryotic algae are significant
members of the aquatic environment. If biochar material is to be used globally as a soil
amendment and carbon-sequestration agent at GtC scales, significant amounts of biochar
water-extractable substances may leach, or run off, into the surrounding aquatic
ecosystems. Therefore, although we believe application of biochar material as a soil
amendment and carbon sequestration agent is likely to be the most effective strategy in
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helping control global climate change, it is also important to consider addressing the
possible side-effects including certain undesirable component(s) associated with some of
the biochar materials, such as the inhibitory factor to aquatic photosynthetic
microorganisms shown in this study.
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Figure 6. Bioassays of biochar water-extracted substances (BWES) with eukaryotic
algae, Desmodesmus, in R1H culture medium. Graph (a) plots the algal growth
(absorbance measurements at 680 nm) curves with the presence of 1.13g BWES /L
pinewood (black, square), 1.13g BWES /L neutralized pinewood (red, dot), 2.8g BWES
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/L peanut shell (blue, triangle) and 2.8g BWES /L chicken litter (orange, diamond)
derived biochar, in comparison with the 0.0 g BWES /L control (green, star); Photograph
(b) shows day 15 of the Desmodesmus bioassay with the corresponding doses of each
well labeled in the figure.
3.3.2

Biochar Water-Extracted Substance pH and Dose Effects
This work also demonstrated that different biochar materials may contain

quite different amounts of water-extractable substances. For example, we noticed that
chicken litter-derived biochar contains much more water-extractable substance (5.334
g/50 g of biochar) than the pinewood-derived biochar (1.693 g of WES/50 g of biochar)
and peanut shell-derived biochar (0.247 g of WES/50 g of biochar). Furthermore, the
characteristics of the water-extractable substances such as pH value can also be quite
different. After
the BWES were extracted, freeze-dried, and redissolved, it was learned (Table 1) that
pinewood-derived BWES stock solution had an acidic pH of 3.94, which was much lower
than both the chicken litter-derived biochar water extract (pH 9.09) and peanut shellderived biochar water extract (pH 8.87). Because it is known that cyanobacteria do not
grow at a pH lower than 4 or 5, (Brock, 1973) an immediate question was naturally
raised: was the observed inhibitory effect on algal growth (Figures 4 and 5) due to the
acidic pH (3.94) of the pinewood-derived biochar water extract? To answer this question,
the pH value of the pinewood-derived biochar water extract was neutralized to 7.83. The
pH-neutralized pinewood-derived biochar water extract was then used in repeating the
bioassay with cyanobacteria Synechococcus and eukaryotic algae Desmodesmus. The
subsequent assay results (Figure 7) demonstrated that pH-neutralized pinewood derived
biochar water extract displayed inhibitory effect on algal growth similar to the original
pinewood-derived biochar water extract (Figures 5 and 6). Therefore, the pH value of the
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pinewood-derived biochar water extract was not the contributing factor to the observed
algal growth inhibition. Not only did we consider the water-extract pH but we also
checked that the pH of the BG-11 culture media (2.5 mL) after adding the small aliquot
(100 μL) of the original pinewood-derived biochar water extract (pH 3.94) was still about
7.5 because of the culture medium’s buffering capacity. The liquid culture medium pH
(7.5) is well above the critical pH of 4 or 5 for algal growth.

Figure 7. Blue−green algae Synechococcus growth (measured as the absorbance at 680
nm) with neutralized pinewood-derived biochar water-extracted substances (BWES) with
the following dose: 1.13g/L (black), 0.564 g/L (red), 0.282 g/L (blue), and 0.0564 g/L
(orange), in comparison with 0.0 g/L control (green, star).
Figure 8 shows the pinewood BWES’ inhibition on cyanobacteria

Synechococcus growth as a function of the BWES concentration. Data shows that, within
the first 3−4 days after introducing pinewood-derived BWES into the cyanobacteria
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culture medium, its inhibition on growth can be observed at a dose as low as 0.0564 g of
pinewood BWES/L. After 4 days, the cyanobacteria growth at the lowest dose (0.0564 g
of pinewood BWES/L) could fully recover and, in most cases, grew slightly better than
the control. With the dose of 0.282 g of pinewood BWES/L, the cyanobacteria culture
initially showed inhibition but started to grow after about 10 days. Only at doses 0.564
and 1.13 g of pinewood BWES/L did cyanobacteria culture growth exhibit complete
inhibition during the entire assay period (17 days).

Figure 8. Blue−green algae Synechococcus growth (measured as the absorbance at 680
nm) with pinewood-derived biochar water-extracted substances (BWES) with the
following dose: 1.13g/L (black), 0.564 g/L (red), 0.282 g/L (blue), and 0.0564 g/L
(orange), in comparison with 0.0 g/L control (green, star).
The pinewood BWES dose dependent inhibition on cyanobacteria growth can also be
seen in Figure 9 which shows the absorbance spectra (from 530 to 750 nm) of the
Synechococcus culture at days 1, 8, and 14. The pinewood BWES dose dependent
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response was observed also in the assay with eukaryotic algae, Desmodesmus, shown in
Figure 9. Furthermore, the bioassay with the neutralized pinewood BWES samples
(Figure 10a) also showed similar dose-dependent inhibition effect on cyanobacteria
Synechococcus growth in which full inhibition of algal cell growth was observed at the
dose of 1.13 g of neutralized pinewood BWES/L. These results indicated that the
pinewood BWES toxin(s) may have a limited active lifetime or the cyanobacteria could
somehow slowly overcome its toxic effect when its dose is relatively low.
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Figure 9. Absorbance spectra (a), (b), and (c) measured at day 1, day 8, and day 14 (c),
respectfully, for blue-green algae Synechococcus assay culture with pinewood derived
biochar water-extracted substances (BWES) at the dose of 1.13g/L (black), 0.564 g/L
(red), 0.282 g/L (blue) and 0.0564 g/L (orange), in comparison with 0.0 g/L control
(green).
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As shown in Figure 11a and 11b, various doses in a range from 0.0564 to
1.13 g BWES of peanut shell-derived and chicken litter-derived biochars were tested on
cyanobacteria Synechococcus growth. The data showed that neither peanut shell-derived
BWES nor chicken litter-derived BWES had any inhibitory effect on algal culture growth
at any of the doses tested.

Figure 10. Graph (a) presents the eukaryotic algae, Desmodesmus, growth (measured as
the absorbance at 680nm) with pinewood derived biochar water-extracted substances
(BWES) with the following dose: 1.13g/L (black), 0.564 g/L (red), 0.282 g/L (blue) and
0.0564 g/L (orange), in comparison with 0.0 g/L control (green, star); Photograph on the
left (e1) show the Desmodesmus assays at day 0 (beginning of assay) while the
photographs in the middle (e2) and the right (e3) shows the assay plates at day 6 and 12,
respectively. Assay plate e contained: row (i) – center chamber retained substances from
column 1 to 4 with dose 0.105 g DOC/L, 0.0523 g DOC/L, 0.0262 g DOC/L, 0.00523g
DOC/L row (ii) – pinewood derived BWES from column 1 to 4 with dose 1.13 g
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BWES/L, 0.564 g BWES /L, 0.282 g BWES/L and 0.0564 g BWES/L row (iii) – column
1 and 2 blanks (uncultured R1H-2, 0.0 g BWES /L) , column 3 and 4 controls (cultured
R1H-2, 0.0 g BWES /L).
Note that the concentration of DOC (0.635 g of DOC/L) in the treatment
with the 1.13 g/L of pinewood BWES was significantly higher than that (0.121 g of
DOC/L) of the 1.13 g/L peanut shell BWES treatment. To answer the question of whether
or not the concentration of DOC in the treatment is the factor that inhibits algal growth,
we performed an additional bioassay using the same amounts of DOC from the pinewood
derived biochar as that from the peanut shell-derived biochar. Figure 12a shows the
effects of pinewood BWES and peanut-shell BWES at equivalent DOC concentrations
(0.158 g of DOC/L) on the growth of cyanobacteria Synechococcus over a 10-day growth
period. Pinewood BWES (at a concentration with 0.158 g of DOC/L) showed inhibition
through day 4, similar to the results observed in both Figure 8 and Figure 10, whereas
peanut-shell BWES (0.158 of g of DOC/L) did not show any sign of growth inhibition
when compared to the control (0.0 g of DOC/L). These experimental results indicated
that the amount of DOC per se does not necessarily correlate with the observed inhibitory
effect; it is the specific chemical species within the type of DOC from the pinewood
derived biochar that apparently causes the inhibition effect.
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Figure 11. Graphs (a) and (b) presents the blue-green algae, Synechococcus, growth
(measured as the absorbance at 680nm) with (a) peanut shell derived BWES and (b)
chicken litter derived BWES with the following dose: 1.13g/L, 0.564 g/L, 0.282 g/L and
0.0564 g/L, in comparison with control (on addition of BWES).
In the bioassay (shown in Figure 12a), we also noticed that the
cyanobacteria Synechococcus culture seem to overcome the inhibitory effect by the
treatment with pinewood BWES at the concentration of 0.158 g of DOC/L (equivalent to
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about 0.282 g of BWES/L) in a few (3−5) days in a manner somewhat similar to that
observed in the experiment of Figure 7. To answer the question of whether this
phenomenon is because the cyanobacteria Synechococcus culture somehow developed
tolerance to the pinewood BWES or because the culture could somehow detoxify the
biochar toxin, we took a portion of the cyanobacteria Synechococcus culture that had
been exposed to the pinewood BWES treatment at the concentration of 0.158 g of DOC/L
(equivalent to about 0.282 g of BWES/L) of Figure 12a at day 10 and used it as an
inoculating culture for another subsequent bioassay (Figure 12b). If the growth of the
pinewood BWES-treated Synechococcus culture after day 4 (in Figure 12a) was
somehow due to development of tolerance to the pinewood BWES, reintroduction of the
same pinewood BWES treatment at the same dose (0.158 g of DOC/L) would show no
inhibition. The assay result (Figure 12b) demonstrated that the reintroduction of the
pinewood BWES treatment resulted in nearly identical inhibition effect on the growth of
Synechococcus that had been pre-exposed to the pinewood BWES treatment at the
concentration of 0.158 g of DOC/L as observed in Figure 12a. This is also a significant
experimental observation, because it indicated that the algal cells could somehow
overcome the pinewood BWES inhibition effect, probably through some type of
detoxification process when its dose is relatively low (0.158 g of DOC/L).
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Figure 12: Graph (a) presents the blue-green algae, Synechococcus, growth (measured as
the absorbance at 680 nm) with pinewood derived BWES (black, square) and peanut shell
derived BWES (blue, triangle) at equal doses of 0.158 g dissolved organic carbon
(DOC)/L, in comparison with the 0.0 g DOC/L control (green, star). Graph (b) presents
the blue-green algae, Synechococcus, growth (measured as the absorbance at 680 nm)
after inoculated with the pinewood BWES-pre-exposed blue-green algae (at day 10 of the
first DOC bioassay shown in graph (a)) when re-introduced to the 0.158 g DOC/L of
pinewood BWES in comparison with the 0.0 g DOC/L control (green, star). Photograph
on the left (g1 and h1) show the Synechococcus assays at day 0 (beginning of the assay)
while the photographs in the middle (g2 and h2) and the right (g3 and h3) show the assay
plates at day 3 and 6, respectively. Assay plate g contained: row (i) – from column 1 to 4
Synechococcus in BG-11 with pinewood BWES dose 0.158 g DOC/L, Synechococcus in
BG-11 with peanut shell BWES dose 0.158 g DOC/L, empty well, empty well; row (ii) –
duplicate of row (i); row (iii) – column 1 and 2 were blanks (BG-11 medium only, 0.0 g
DOC /L), column 3 and 4 were controls (Synechococcus in BG-11 medium, 0.0 g BWES
/L). Assay plate h contained: row (i) – from column 1 to 4 Synechococcus in BG-11 with
pinewood BWES dose 0.158 g DOC/L, Synechococcus in BG-11 with pinewood BWES
dose 0.158 g DOC/L, empty well, blank (BG-11 medium only, 0.0 g DOC /L); row (ii) –
duplicate of row (i); row (iii) – column 1 and 2 were controls (Synechococcus in BG-11
medium, 0.0 g BWES /L), column 3 and 4 were empty wells.
3.3.3

Electrodialysis-Separated Biochar Substances and Their Bioassay
A portion (e.g., 1.5 mL) of the original BWES solutions such as the

pinewood-derived BWES stock solution (28.2 g/L) was treated with the electrodialysis
process, resulting in three separate fractions: (i) anode-isolated substances, (ii) cathodeisolated substances, and (iii) center chamber retained substances. After the anode-isolated
substances and the cathode-isolated substances were collected and freeze-dried
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separately, their dissolved organic carbon (DOC) contents were determined along with
those for the original BWES stock solutions and the center chamber retained BWES
substances. The results of the DOC analysis are listed in Tables 1 and 2.
As shown in Table 1, the DOC contents in different biochar water extracts
are very different. About 56.2% of the pinewood derived BWES mass (1.693 g/50 g of
biochar) is its DOC content (0.953 g/50 g of biochar), whereas the contents of chicken
litter-derived BWES DOC (0.0539 g/50 g of biochar) and peanut shell-derived BWES
DOC (0.0264 g/50 g of biochar) represent only 1.01% and 10.1% of their BWES masses
(5.334 g/50 g of biochar and 0.247 g/50 g of biochar), respectively. In other words, the
pinewood BWES is highly rich in organic compounds content, whereas chicken litterderived BWES and peanut shell-derived BWES contain very little organic compounds.
The majority of the contents in chicken litter-derived BWES and peanut shell-derived
BWES are non-DOC materials, such as inorganic salts.
Table 2 presents a typical distribution of the DOC content when 1.5 mL of
pinewood-derived BWES stock solution (1.5 mL × 15.869 mg of DOC/mL) was
separated with the mini-ED system resulting in the three fractions: (i) anode-isolated
substances (63.4%: 15.4 mg of DOC), (ii) cathode-isolated substances (5.2%: 1.25 mg of
DOC), and (iii) center chamber retained substances (31.4%: 7.61 mg of DOC).
Note that, during the electrodialysis separation process, the cations (of a
size less than 500 Da) of the BWES in the charge neutral 1.5 mL sample chamber would
pass through the cellulose−acetate membrane into the cathode chamber under the
influence of the electrophoretic field created by the cathode (refer to Figure 4).
Meanwhile, the anions (of a size less than 500 Da) of the BWES in the charge neutral 1.5
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mL sample chamber would pass through the cellulose−acetate membrane into the anode
chamber under the influence of a positive electric field exerted by the anode (refer to
Figure 4). When the electrodialysis-separation process is completed, what remains in the
charge-neutral 1.5 mL sample chamber should mostly be charge-neutral chemical species
and/or compounds greater than 500 Da. Therefore, the data presented in Table 2 indicate
that about 63.4% DOC of the pinewood-derived BWES separated into the anode chamber
and are most likely from organic compounds that possess at least one negatively charged
functional group, such as a deprotonated carboxyl group (a deprotonated carboxyl group
is the most likely negatively charged organic functional group when water is used as the
solvent). About 5.2% DOC of the pinewood-derived BWES separated into the cathode
chamber and can most likely be attributed to chelated organic−metal cation complexes
that carry net positive charge. The remaining 31.4% DOC of the pinewood-derived
BWES represents organic chemical species with neutral charge and/or molecular weight
of greater than 500 Da.
Figure 13 presents the bioassay results of the electrodialysis separated
fractions in comparison with those of the original pinewood-derived BWES. As shown in
Figure 13, both the center chamber retained and cathode-isolated pinewood derived
BWES displayed only relatively little inhibition on cyanobacteria growth whereas the
anode-isolated substances showed complete inhibition on cyanobacteria growth during
the entire assay period (18 days). Figure 14a shows that the anode-isolated substances not
only displayed complete algal growth inhibition at the concentration of 189.7 mg of
DOC/L but also manifested a similar dose dependent inhibition at DOC of 94.8, 47.4, and
9.48 mg/L, which was comparable to the observation in the bioassay with the original
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pinewood-derived BWES. Meanwhile, the cathode-isolated substances (at DOC of 261,
131, 65.3, and 13.1 mg/L) and center chamber retained substances (at DOC of 105, 52.3,
26.2, and 5.23 mg/L) showed relatively little or no inhibition (Figure 14b and 14c) and, in
most cases, displayed slight stimulation of growth when compared to the control. These
bioassay results indicated that the majority of the pinewood-derived BWES inhibitory
chemical species was in the anode-isolated substances, while relatively small amounts of
them are in the cathode-isolated substances and center chamber retained substances.
These observations were documented through photographs of the bioassay plates shown
in Figure 13 as well.
Furthermore, the bioassay results also indicated that the inhibitory effect is
unlikely due to the total amount of DOC per se, but likely owing to certain specific
chemical species within the DOC content. For example, the bioassay treatment of
cathode-isolated substances with larger amounts of DOC (261 mg/L) displayed a
relatively small inhibition effect whereas the bioassay of anode-isolated substances with
smaller amounts (roughly 30% less) of DOC (189.7 mg/L) severely inhibited algal
growth.
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Figure 13. Assays of electrodialysis-separated biochar substances with Synechococcus in
BG-11 culture medium. Graph (d) plots the algal growth (measured as absorbance at 680
nm) curves with pinewood BWES (635 mg of DOC/L, black square), center chamber
retained substances (105 mg of DOC/L, pink hollow square), anode-isolated substances
(189 mg of DOC/L, pink inverted triangle), cathode-isolated substances (261 mg of
DOC/L, pink inverted hollow triangle), and control (0.0 g of DOC/L, green star). Plate
photographs on the left (e1 and f1) show the Synechococcus assays at day 2 (e1) and day
0 (f1) (beginning of assay) whereas the photographs in the middle (e2, f2) and the right
(e3, f3) show the assay plates at day 7 (e2), day 4 (f2), day 12 (e3), and day 11 (f3),
respectively. Plate e: from column 1 to 4 in row (i) center chamber retained pinewood
BWES substances with dose DOC mg/L: 105, 52.3, 26.2, 5.23; row (ii) pinewood BWES
with dose DOC mg/L 635, 317, 159, 31.7; row (iii) 2 blanks (BG-11 only) and 2 controls
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(algae in BG-11 without BWES). Plate f: columns 1−4 in row (i) anode-isolated
substances with DOC mg/L: 189, 94.8, 47.4, 9.48; row (ii) cathode-isolated substances
with DOC mg/L: 261, 131, 65.3, 13.1; row (iii) 2 blanks (BG-11 only) and 2 controls
(algae in BG-11 without BWES).
These experimental observations support our hypothesis that the inhibitory
component of the pinewood-derived BWES is likely to be some type of 500-dalton (or
smaller) phenolic organic chemical species that contains at least one carboxyl group. Its
carboxyl group may make the inhibitory organic species negatively charged in aqueous
environment. This predicted feature with a carboxyl group could explain a number of the
observations: (i) why the original pinewood-derived BWES was acidic (pH 3.94):
carboxyl group represents an organic acid; (ii) how the majority of the pinewood-derived
BWES inhibitory chemical species can pass through the 500-dalton-cutoff
cellulose−acetate membrane of the charge-neutral 1.5 mL sample chamber and
predominantly enter the anode chamber under the influence of the positive
electrophoretic field produced by the anode: because carboxyl groups can predominantly
become negatively charged by deprotonating in water; (iii) why some of the pinewoodderived BWES inhibitory chemical species could also enter the cathode chamber under
the influence of the negative electric field from the cathode: negatively charged carboxyl
group can chelate with certain higher valent cations, such as Fe2+ or Fe 3+, forming a
chelated organic acid−metal cation complex such as [R−COO Fe]+ that carries a net
positive charge enabling it to transport through the cellulose−acetate membrane into the
cathode chamber; and (iv) small amount of the pinewood derived BWES inhibitory
chemical species may still remain in the charge-neutral center sample chamber: because a
small fraction of the carboxyl groups may remain charge-neutral (protonated) or the
electrodialysis separation was not fully complete.
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Figure 14. Graphs (a), (b) and (c) presents the blue-green algae, Synechococcus, growth
(measured as the absorbance at 680nm) with the three electrodialysis separated
substances and their subsequent doses: (a) anode-isolated substances – 0.189 g DOC/L,
0.0948 g DOC/L, 0.0474 g DOC/L and 0.00948 g DOC/L (b) cathode-isolated substances
– 0.261 g DOC/L, 0.131 g DOC/L, 0.0653 g DOC/L and 0.0131 g DOC/L (c) center
chamber retained substances – 0.105 g DOC/L, 0.0523 g DOC/L, 0.0262 g DOC/L and
0.00523 g DOC/L, in comparison with 0.0 g DOC/L control (no addition of BWES).
3.4

CONCLUSION

Overall, the biochar assays showed that some of the biochar substances, such as the
pinewood-derived BWES, exhibited inhibitory effects on both prokaryotic
(Synechococcus) and eukaryotic (Desmodesmus) photosynthetic microorganisms that are
significant members of the aquatic ecological community, whereas other biochar
materials, such as chicken litter-derived and peanut shell-derived BWES, seem benign to
these aquatic organisms. The pinewood-derived BWES inhibitory factor that was
demonstrated in this work is likely due to some type of 500-dalton (or smaller) organic
chemical species that contains at least one carboxyl group. The biochar materials used in
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this study were made from three different types of biomass materials with somewhat
different pyrolysis conditions at different locations in the United States. Therefore, the
origin or formation of the inhibitory organic chemical species could be related to both the
sources of the different biomass materials and/or their processing (including pyrolysis)
conditions. Although the precise chemistry of the inhibiting compound(s) extracted from
pinewood-derived BWES has not yet been fully determined, it is apparent from the
research presented in this paper that biochar materials must be closely examined before
implementation for large-scale environmental applications. Further work in this line of
research will be directed to both isolate and investigate the source of the inhibiting
compound(s), hopefully leading to a new generation of biochar materials completely free
of any undesirable chemical species to accomplish the envisioned mission of biochar soil
amendment and carbon sequestration at GtC scale to mitigate global climate change.
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CHAPTER 4
MOLECULAR CHARACTERIZATION OF INHIBITING BIOCHAR WATEREXTRACTABLE SUBSTANCES USING ELECTROSPRAY IONIZATION
FOURIER TRANSFORM ION CYCLOTRON RESONANCE MASS
SPECTROMETRY
A paper published by Environmental Science & Technology
Cameron R. Smith, Rachel L. Sleighter, Patrick G. Hatcher, and James W. Lee
Abstract
Biochar has gained significant interest worldwide for its potential use as
both a carbon sequestration technique and soil amendment. Recently, research has shown
that pinewood-derived biochar water extracts inhibited the growth of aquatic
photosynthetic microorganisms, both prokaryotic and eukaryotic algae, while chicken
litter- and peanut shell-derived biochar water extracts showed no growth inhibition. With
the use of electrodialysis, the pinewood-derived biochar water extract is separated into 3
fractions (anode-isolated, center chamber retained, and cathode-isolated substances) all
with varying toxic effects. Because of its ultrahigh resolution and mass precision,
electrospray ionization (ESI) coupled to Fourier transform ion cyclotron resonance mass
spectrometry (FTICR-MS) is utilized in this study to analyze biochar water extracts at a
molecular level to enhance our understanding of the toxic nature of pinewood-derived
biochar water extracts as compared to benign peanut shell-derived biochar water extracts.
The molecular composition of pinewood-derived biochar water extracts shows unique
carbohydrate ligneous components and sulfur containing condensed ligneous components
that are both absent from the peanut shell water extracts and more prevalent in the anode-
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isolated substances. Using Kendrick mass defect analysis, we also determine that the
most likely inhibitor species contain carboxyl and hydroxyl homologous series, both of
which are characteristic functional groups hypothesized in our previous research for the
inhibitor species. We have suggested that inhibition of aquatic photosynthetic
microorganism growth is most likely due to degraded lignin-like species rich in oxygen
containing functionalities. From the study conducted here, we show the potential of
ultrahigh resolution FTICR-MS as a valuable analytical technique for determining
whether certain biochars are safe and benign for use as carbon sequestration and soil
amendment.
4.1

Introduction
Recently, we conducted a bioassay study (Smith et al., 2013) showing that

some biochar water-extractable substances (BWES) may contain certain chemical species
toxic to aquatic photosynthetic microorganisms, including both blue-green algae
(cyanobacteria Synechococcus) and eukaryotic green algae (Desmodesmus). Given the
potential environmental importance of biochar as a carbon sequestration technique and its
possible BWES toxicity, it is important that the characterization of the BWES be
thoroughly investigated before they are introduced into the environment. According to a
recent study done by Lin et al. (2012) using liquid chromatography−organic carbon
detection (LC−OCD), biochar water-extracts can be extremely complex containing low
molecular weight acids, biopolymers, humic substances, and other components. Fourier
transform ion cyclotron resonance mass spectrometry (FTICR-MS) to characterize
biochar has recently become of interest to several research groups. Podgorski et al.
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(2012) coupled desorption atmospheric pressure photoionization (DAPPI) with FTICRMS for the direct characterization of natural organic matter (NOM) for both combusted
and pyrolyzed biochar derived from oak. Analysis showed that combusted oak
compounds with high O/C and H/C ratios were attributed to incomplete thermal
degradation of lignin and hemicellulose, while pyrolyzed oak showed a significantly
larger amount of compounds with lower O/C and H/C ratios, characteristic of aromatic
compounds. Most recently, Cole et al. (2012) studied the biochar entrapped organic
compounds during pyrolysis and gasification of switch grass derived biochar using laser
desorption ionization (LDI) and atmospheric pressure photoionization (APPI) FTICR-MS
for hydrophobic compounds, and electrospray ionization (ESI) FTICR-MS for
hydrophilic compounds. Similar to Podgorski et al. (2012), Cole et al. (2012) found that
pyrolyzed biochar extracts contained phenolic- and carbohydrate-derived compounds
attributed to the pyrolysis of lignin and holocellulose, while the gasification produced a
significantly larger amount of polycyclic aromatic hydrocarbons (PAHs).
Here, we report the chemical analysis of BWES with ESI FTICR-MS to
gain insight into the molecular level composition. Because of the ultrahigh resolving
power and mass accuracy of FTICR-MS at high magnetic fields, the characterization of
two different BWES exhibiting opposite effects on algal growth, pinewood BWES toxic
effect and peanut shell BWES benign effect, can be compared. Our previous study (Smith
et al., 2013) showed evidence that the hypothesized toxic compound(s) most likely are
small (less than 500 Da) phenolic species with at least one carboxyl group. Both carboxyl
and hydroxyl groups ionize efficiently in negative ion mode ESI, and thus, ESI-FTICRMS is ideal for analysis of these BWES species. The objectives of this study are to
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investigate pinewood-derived BWES and their toxicity on the growth of aquatic
microorganisms at a molecular level. Molecular characterization of the water-soluble
components associated with biochar is extremely important because of the likelihood of
these species entering aquatic ecosystems in a variety of ways (i.e., leaching and runoff),
if used as a soil amendment and carbon sequestration agent at GtC scales. This study will
also demonstrate the effectiveness of FTICR-MS analysis and its application toward the
production of environmentally friendly biochar.
4.2

Materials and methods

4.2.1

Biochar Material
Three different biochar samples were utilized in this study: (1) peanut

shell-derived biochar, (2) chicken litter-derived biochar, and (3) pinewood-derived
biochar. The peanut shell and chicken litter-derived biochar materials were produced
from pelletized peanut shells and chicken litter through pyrolysis at 411 and 424 °C,
respectively, with the use of a superheated steam pyrolysis unit at Eprida Inc. (Athens,
GA). Pinewood-derived biochar was produced from pinewood chips (that were cleaned
and contained no bark or leaves) through a fast pyrolysis process at 450 °C using an
auger reactor designed and fabricated at Auburn University. Further details on the
production of these three biochar samples can be found in Chapter III section 3.2.1.
4.2.2

Extraction of Biochar Water-Extractable Substances (BWES)
The extraction of water-soluble substances from biochar was performed

by soaking 50 g of each biochar sample material (described above) in 200 mL of
ultrahigh-quality (UHQ) Milli-Q water (Millipore). The biochar−water mixture was
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placed on a shaker plate operating at 100 rpm for at least 24 h. The liquid filtrates were
transferred to 500 mL centrifuge tubes and centrifuged at 5000 rpm (4682× g) with a
JLA-10.5 rotor at 4 °C for 15 min using a Beckman Coulter Avanti high speed centrifuge
(model no. J-26 XP). The supernatants and pellets were collected separately. Then, the
collected supernatants were vacuum filtered through a filter using a 12 cm diameter
Büchner funnel and were then frozen and freeze-dried (170 Torr, −75 °C) to obtain the
BWES as dry solids. The dry masses of the BWES were 1.693 g BWES per 50 g
pinewood derived biochar, 5.334 g BWES per 50 g chicken litter-derived biochar, and
0.247 g BWES per 50 g peanut shell-derived biochar. These BWES were redissolved in
smaller amounts of Milli-Q water in order to make stock solutions at the following
concentrations: 28.2 g pinewood BWES per L, 28.2 g chicken litter BWES per L, and
14.1 g peanut shell BWES per L (this lower concentration was due to the peanut shell
BWES limited dry mass). The ambient pH values of the pinewood BWES, chicken litter
BWES, and peanut shell BWES stock solutions were 3.94, 8.87, and 9.09, respectively.
Prior to analysis using ESI-FTICR-MS, BWES stock solutions were desalted using a
mini-electrodialysis system (Harvard Apparatus) following the procedures published
previously for this method. (Chen et al., 2011; Smith et al., 2013)
Briefly, electrodialysis was utilized to desalt the BWES samples, following the
procedures published previously for this method. (Chen et al., 2011) A minielectrodialysis (ED) system (Harvard Apparatus) was necessary in order to desalt the
BWES (for subsequent chemical characterization) and to isolate the possible inhibitor
substances. For each mini-ED desalting step, 1.5 mL of the BWES stock solution was
placed into the Teflon sample chamber enclosed by 2 cellulose acetate membranes with a
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500 Da molecular weight cut-off. Prior to their use, cellulose-acetate membranes (stored
in 0.05% sodium azide solution) were rinsed and soaked in MilliQ water. After the
sample chamber was placed into the mini-ED system, 600 mL of MilliQ water was filled
in the larger chamber where the anode electrode resides and will be referred to as the
anode chamber. The other, smaller chamber with the cathode will be referred to as the
cathode chamber and has a volume that is approximately half of the anode chamber. The
cathode chamber was filled with 300 mL of MilliQ water, ensuring that both chambers
had equal water levels. A power supply (200 vdc, 100 mA) was attached to the two
electrodes. The salinity in each of the two chambers was monitored (Hanna Primo
conductivity meter) until their salinity became constant near the end of the ED
experiment. Unlike that of Chen et al. (2011), no additional water was necessary to
compensate for the water loss due to evaporation and water electrolysis (O2 and H2 gas
production) at the anode and cathode. The water from the anode and cathode chambers
(containing ED separated BWES) were collected and stored separately in a freezer, while
the resulting BWES stock solution inside the Teflon sample chamber (now referred to as
the center chamber retained substances) was stored at 6 °C. The frozen anode and
cathode chamber waters were freeze-dried (170 Torr, -75 °C). The dry mass of each
chamber, which is referred to as anode-isolated and cathode-isolated substances, was redissolved in 10 mL of MilliQ water to be used as stock solutions for the dissolved organic
carbon (DOC) analysis and additional bioassays.
4.2.3

Dissolved Organic Carbon (DOC) Analysis
Samples were analyzed for their DOC concentrations by high temperature

catalytic combustion to CO2 on a Shimadzu TOC-VCPH total organic carbon analyzer,
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calibrated with potassium hydrogen phthalate. The samples were acidified and sparged
prior to DOC measurement, to remove C contributions from inorganic carbon.
4.2.4

Elemental and Proximal Analysis
Biochar samples were sent to Galbraith Laboratories (Knoxville, TN) for

elemental and proximate analysis (modified ASTM D3172 and 3176). For more
information regarding the procedure, visit www.galbraith. com.
4.2.5

ESI-FTICR-MS Instrumentation and Analysis
Mass spectral analysis was conducted with an Apollo II ESI ion source on

a Bruker Daltonics 12 T Apex Qe FTICR-MS in the College of Sciences Major
Instrumentation Cluster (COSMIC) facility at Old Dominion University. All samples
were analyzed in negative ion mode, in which the ESI voltages, ion accumulation, and
number of co-added scans were optimized. All mass spectra were externally and
internally calibrated according to previously published methods, (Sleighter et al., 2008)
while formula assignment was done similar to Stubbins et al. (2010).
Briefly, prior to analysis, solvent/instrument blanks consisting of 50:50
(v/v) H2O:MeOH and 50:50 (v/v) H2O:MeOH containing 0.1% NH4OH were analyzed.
Desalted pinewood and peanut BWES samples (from the center chamber of the ED) were
diluted by a factor of 2, giving a final sample composition of 50:50 (v/v) H 2O:MeOH. In
order to obtain similar quality spectra and signal to noise (S/N) ratios, the anode and
cathode chamber samples were diluted by a factor of 2, giving a final sample composition
of 50:50 (v/v) H2O:MeOH containing 0.1% NH4OH. NH4OH was utilized in these
samples in order to raise the pH of the injected solutions to approximately 8, improving
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the overall ionization efficiency. All samples were analyzed in negative ion mode and
were introduced into the ESI source via a syringe pump at an infusion rate of 120 µL h -1.
ESI voltages were optimized for each sample in order to maintain consistent, stable ion
currents. Ion accumulation times in the hexapole, optimized to obtain similar ion
magnitudes across the m/z range, were 0.7-1.0 s, and 300 transients (collected with a 4
MWord time domain) were co-added for each sample. The summed free induction decay
signal was zero filled once and sine-bell apodized prior to fast Fourier transformation and
magnitude calculation via the Bruker Daltonics Data Analysis software. All mass spectra
were externally calibrated using polyethylene glycol and internally calibrated with
naturally present fatty acids and other homologous CH2 series. (Sleighter et al., 2008)
Peaks in the range of 200-700 m/z with a S/N ratio >3 were exported for further analysis.
Peaks detected in the blank analysis and 13C isotopic peaks were removed from each
sample’s mass list prior to S4 formula assignment using an in-house written MatLab code
(The Math-Works Inc., Natick, MA). Molecular formulas were assigned to peaks in the
mass list of each sample using carbon (C5-50), hydrogen (H5-100), nitrogen (N0-10),
oxygen (O1-30), sulfur (S0-2), and phosphorus (P0-2). The MatLab file eliminated
molecular formula choices based on the following criteria: (1) the difference between the
calculated exact mass and measured m/z must be <1 ppm, (2) formulas containing an odd
number of N atoms have an even nominal m/z while those containing an even number of
N atoms have an odd nominal m/z, (McClafferty and Turecek, 1993) (3) (SIC) doublebond equivalents (DBE) >0, where DBE = 1 + 1/ 2 (2C – H + N + P), (McClafferty and
Turecek, 1993) and (4) atomic ratios and other rules established by Stubbins et al. (2010)
were followed. If an unambiguous formula assignment did not occur after these initial

65
elimination parameters and there were multiple choices for a single m/z value, formulas
were assigned using the formula extension approached described by Kujawinski and
Behn (2006).
4.3

Results and Discussion

3.3.1

Biochar Elemental and Proximate Analysis
Table 3 shows the elemental and proximate results for the three different

biomass (pinewood, peanut shell, and chicken litter) derived biochar samples utilized
here and in our previous study. (Smith et al., 2013) The volatile matter (VM) content is
widely used to assess the labile and stable components associated with biochar. The VM
of both pinewood- and peanut shell-derived biochar was around 40%, while chicken
litter-derived biochar VM was substantially lower at 23%. The high percent ash and low
ﬁxed carbon for chicken litter-derived biochar suggests the presence of inorganic species
that likely play a signiﬁcant role in its composition. Table 4 lists the elemental and
proximate results of previous published data. Kim et al. (2011) reported data for
pinewood-derived biochar produced by a single-auger pyrolysis system, similar to the
one used here, at roughly 450 °C that are comparable to those found in this study. Table 4
also lists the data for peanut shell- and chicken litter-derived biochar around 400 °C from
Novak et al. (2009) and Lin et al. (2013), respectively, which shows similar elemental
compositions of the biochar samples used in this study. This is a signiﬁcant observation,
since it indicates that biochars from different parts of the world, with similar elemental
compositions, could also potentially contain toxic BWES, which should be carefully
examined before considering large scale application.
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3.3.2

Mass Spectral Characteristics of BWES
ESI-FTICR mass spectra for the ED separated fractions for pinewood-

and peanut shell-derived BWES are shown in Figure 15. In general, over 3000 peaks
were detected at 200−700 m/z for each of the biomass-derived BWES. Like other
complex mixtures (i.e., natural organic matter), it is necessary to mention that the
observed peaks are all singly charged, based on the observation of the 13C isotope peak at
1.00335 m/z units (the mass difference of 13C and 12C) higher than the 12C parent peak
(Figure S1a inset). (Kim et al., 2003; Kujawinski et al., 2002; Stenson et al., 2002)
Because of the low levels of organic substances, based on DOC measurements, and the
biochar composition given in Table 3, chicken litter BWES were omitted from FTICRMS analysis after initial data showed only the detection of high mass defect (mass defect
is deﬁned as the distance a peak is displaced
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from the exact nominal mass) peaks that are likely of inorganic origin and could not be
assigned molecular formulas. (Sleighter and Hatcher, 2011)
The center-chamber retained substances of the pinewood BWES (Figure 15a)
gave a different peak distribution when compared to the pinewood anode- and cathodeisolated substances that are more similar to each other (Figures 15a). Peanut shell anodeand cathode-isolated substances (Figures 15b) both lacked the dense peak distribution
that the pinewood anode- and cathode-isolated substances exhibited. For the pinewoodderived BWES in the anode- and cathode-isolates, the peaks with highest magnitudes
were detected at m/z 250−350, with smaller peak magnitude clusters at m/z > 400. On the
contrary, the center-chamber retained pinewood-derived BWES showed their greatest
magnitude between m/z 400−600, with smaller peak clusters above and below this range.
These observations are signiﬁcant because they indicate that the anode- and cathodeisolated substances likely contain smaller compounds (less than 500 Da) as a result of the
ED separation. On the other hand, this was not observed in the ED separation of peanut
shell BWES. The greatest peak magnitudes for the center retained substances were
detected at m/z 250−350, with slightly lower peak magnitude clusters at m/z 400−550.
This observation, along with the fewer peaks detected in the anode- and cathode-isolated
substances, suggests that the peanut shell BWES most likely do not contain easily
charged species (i.e., carboxyl and hydroxyl groups) that are characteristic of the
hypothesized inhibiting compound(s) associated with pinewood BWES.
3.3.3

Molecular Formula Characteristics of the BWES
To compare the assigned molecular formulas of the ED separated

pinewood BWES and peanut shell BWES fractions, van Krevelen diagrams (Figure 15)
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are utilized to highlight similar characteristics of common types of biomolecular
compound classes (i.e., proteins, carbohydrates, lignin, etc.) tentatively assigned to the
formulas based on their molar H/C (y-axis) and molar O/C (x-axis) ratios. These plots
have been used in the past to categorize varying compound classes present in biochar,
(Podgorski et al., 2012) dissolved organic matter, (Kim et al., 2003; Kujawinski et al.,
2003; Sleighter and Hatcher, 2008) black carbon-derived DOM, (Hockaday et al., 2006)
aerosol-derived water-soluble organic carbon, (Wozniak et al., 2008) and plant biomassderived organic matter. (Ohno et al., 2010)
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Figure 15: Negative ion mode ESI-FTICR mass spectra of electrodialysis-separated a)
pinewood- and b) peanut shell-derived biochar water extractable substances (BWES).
The inset, shown in a), demonstrates that the observed peaks are singly charged.
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Figure 15 panels a−f show van Krevelen plots for the molecular formulas
identiﬁed in each of the 3 ED separated fractions [anode-isolated substances (left, a and
d), center chamber retained substances (middle, b and e), and cathode isolated substances
(right, c and f)] for pinewood (top) and peanut shell (bottom) BWES analyzed by ESIFTICR-MS. It is apparent that both pinewood (top) and peanut shell (bottom) BWES
contain many formulas with H/C and O/C ratios characteristic of lignin (O/C = 0.1−0.67
and H/C = 0.7−1.5). Figure 1 also highlights that both BWES show nitrogen, sulfur, and
phosphorus containing formulas that encompass a variety of major classes of organic
compounds, shown by the overlain boxes. These ﬁndings are consistent with those
recently published by Lin et al. (2012) on water extractable organic carbon in untreated
and chemically treated biochars characterized by liquid chromatography−organic carbon
detection. Although pinewood and peanut shell BWES both contain molecular formulas
predominantly characteristic of lignin-type species, they have differences as well.
Pinewood BWES contains more formulas with high O/C and H/C ratios, characteristic of
carbohydrate-like compounds, when compared to peanut shell BWES. Likewise, peanut
shell BWES contain a signiﬁcantly larger number of formulas with low O/C and H/C
ratios, indicating a more aromatic nature. In both cases, it is obvious that BWES are
highly complex in nature and their characteristics are examined in more detail below.
3.3.4

Possible Inhibiting Compound(s) Associated with Pinewood BWES
Our previous study showed that pinewood BWES contained an estimated

56.2% DOC in the total solute and exhibited an acidic pH (3.94), whereas peanut shell
and chicken litter BWES contained signiﬁcantly lower amounts of DOC (10.7% and
1.0%) and more basic pH values (8.87 and 9.09, respectively). (Smith et al., 2013) It was
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determined through toxicological bioassays with pH-neutralized and DOC-normalized
pinewood BWES that the amount of DOC and acidic nature of pinewood BWES did not
contribute to inhibition of both prokaryotic (Synechococcus sp.) and eukaryotic
(Desmodesmus sp.) algal growth, but that certain speciﬁc component(s) within the
pinewood BWES caused the growth inhibition. We also demonstrated that, upon ED
separation of pinewood BWES, the toxic compound(s) of pinewood BWES were
predominantly isolated in the anode chamber, where negatively charged compounds
(anions) most likely reside. This

Figure 16. van Krevelen diagrams (colored according to heteroatom content) for the molecular formulas assigned to mass spectral
peaks in electrodialysis-separated [anode-isolated (left), center chamber retained (middle), and cathode-isolated (right)
substances] pinewood (top, a-c) and peanut shell (bottom, d-f) derived biochar water-extractable substances (BWES). Boxes show
molar H/C and O/C ratios of major biomolecular compound classes (lipids, proteins, carbohydrates, unsaturated hydrocarbons,
lignin, and condensed aromatics) outlined by Ohno et al. (2010).
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observation suggests that the inhibitory compounds most likely contain negatively
charged functional groups, such as a carboxyl group, that enables the use of negative ion
mode ESI-FTICR-MS as an effective characterization technique. Figures 16a and 16c
show that more than 1700 molecular formulas were each assigned to the anode- and
cathode-isolated substances in pinewood BWES, while less than a combined total of 700
formulas were assigned to the anode- and cathode-isolated substances in peanut shell
BWES (Figures 16d,f). The van Krevelen diagrams correlate well with the observed peak
distribution discussed above, which also shows that peanut shell-derived BWES contain a
signiﬁcant amount of smaller molecular weight peaks (below 500 Da, Supporting
Information, Figure 15b). Because very few peaks are detected during FTICR-MS
analysis of the anode- and cathode-isolated substances for peanut shell-derived BWES
(Figure 15d,f), it is likely that they do not contain functional groups that become easily
charged in water (during ED), assuming that this is not due to matrix effects or ion
suppression. This observation is signiﬁcant because our previous study demonstrated that
the proposed inhibiting compound(s) in the pinewood BWES readily passed through the
ED membranes, with a substantially higher amount of toxic compound(s) located in the
anode-isolated substances.(Smith et al., 2013) We note that in Figure 15d, peanut shell
BWES anode-isolated substances, display a cluster of N-containing formulas with H/ C
and O/C ratios characteristic of peptides, indicating that during ED these types of
compounds will migrate to the anode.
To identify the compound(s) that possibly inhibit algae growth, an in-depth
comparison of the pinewood BWES anode-isolated, cathode-isolated, and center chamber
retained substances was conducted. Our previous study showed that all pinewood BWES
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ED separated fractions demonstrated some degree of inhibition on the growth of bluegreen algae (Synechococcus), when compared to the control, with the anode-isolated
substances demonstrating the highest toxicity on algal growth. (Smith et al., 2013) Figure
16a shows the van Krevelen diagram of the molecular formulas that are common to all
pinewood BWES ED separated fractions, where it is highly possible that the inhibiting
compound(s) reside. This plot suggests that the pinewood inhibiting species resemble
lignin-type compounds that likely contain carboxyl and hydroxyl functionalities. When a
DC voltage is applied to the ED system, compounds with negatively charged functional
groups, such as a deprotonated carboxyl group, will migrate toward the anode chamber,
while some of them may stay charge neutral and reside in the center chamber. Certain
negatively charged organic species can also undergo chelation with high valent metal
cations, such as Fe2+, to form a chelated organic acid−metal complex with net positive
charge, [R-COO Fe]+, and thus migrate toward the cathode chamber. It is important to
point out that due to the molecular size cutoﬀ of the cellulose membrane (500 Da),
compounds below 500 Da may also diﬀuse into the anode and cathode chambers based
on size alone. However, this cannot explain the reason for a signiﬁcantly higher amount
of toxicity being observed for the anode-isolated substances. Because the distribution
pattern in Figure 16a only occupies a few of the biomolecular regions outlined by Ohno
et al. (2010) (boxes overlain in Figure 15), we have eliminated all but two regions, lignin
and carbohydrate, to aid in the investigation of the inhibiting compound(s). About 70% of
the formulas common to all three separated fractions fall within the lignin region. The
vast majority (98%) of these formulas are CHO-only, with nearly negligible contributions
from CHOS and CHON formulas. While the heteroatom content of the formulas found in
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all three fractions is minor, it is important to mention that these types of formulas (and
other unique molecular formulas) are detected predominantly in the anode- and cathodeisolated substances, especially if they contain charged functional groups that allowed the
compounds to move freely during the ED process.
In the analysis above, we assumed that the molecular formulas common to all
pinewood BWES ED separated fractions contain the toxin that caused the inhibition of
algal growth. The other possibility is that the toxic species would not be common to all
pinewood BWES ED separated fractions. Therefore, anode-isolated pinewood BWES
would contain the most potent toxic species while the cathode-isolated and center
chamber retained BWES could contain diﬀerent but less toxic species. In that case, the
speciﬁc molecular formulas found in the anode-isolated substances can be qualitatively
compared with those in the cathode-isolated and center chamber retained substances.
Figure 16b−d shows the van Krevelen diagrams of formulas assigned to the anodeisolated (16b, left), center chamber retained (16c, middle), and cathode-isolated (16d,
right) substances that were not detected in all three pinewood BWES separated fractions
(i.e., subtraction of Figure 16a from Figure 15 panels a, b, and c). It is important to note

Figure 17. van Krevelen diagrams that plot the molecular formulas (colored according to heteroatom content) that are a) common
to all three electrodialysis-separated fractions (anode-isolated, center chamber retained, and cathode-isolated substances) of
pinewood-derived BWES, and those that are b) found in the anode-isolated, c) center chamber retained, and d) cathode-isolated
fractions, after removing those that are common to all three. Boxes show molar H/C and O/C ratios of the lignin and carbohydrate
regions outlined by Ohno et al. 2010).
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that the formulas shown in Figure 16b−d are not necessarily unique to each fraction,
because the formula could be detected in two of the three fractions. When the van
Krevelen plot in Figure 16b (pinewood BWES anode-isolated substances) is compared to
that in Figure 16c (pinewood BWES center chamber retained substances), a large number
of formulas that contain CHO-only and a large cluster of CHON compounds in the
lignin-like region are observed in the center chamber retained substances. Because these
formulas predominantly exist in the center chamber retained substances and not the
anode-isolated substances, it is unlikely that they are representative of the inhibiting
compounds. A unique group of formulas detected only in the pinewood BWES anodeisolated substances is the large cluster of CHON compounds located in the carbohydrate
region. This group of formulas is absent in the cathode-isolated substances and the center
chamber retained substances, suggesting that these formulas are also unlikely to represent
the inhibiting species, since our previous study (Smith et al., 2013) showed that cathodeisolated substances and the center chamber retained substances still show minor toxicity.
However, this conclusion is based on the assumption that algal growth inhibition is due to
one type of compound as opposed to several diﬀerent types of compounds.
After eliminating the most unlikely inhibitory groups of formulas, three notable
clusters of compounds still remain: the condensed CHOS formulas that contain one sulfur
atom in the lignin region, the aliphatic CHO formulas located where the lignin and
carbohydrate regions overlap, and the phosphorus containing formulas (Figure 16b).
Figure 16b−d highlights the abundance of these groups of formulas in the anode-isolated
substances, with fewer assigned to the cathode-isolated and center chamber retained
substances. To compare the number of assigned formulas for the three electrodialysis
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separated fractions, Venn diagrams are utilized to show the overlap of formulas found in
each fraction. Figure 17 highlights the condensed CHOS (Figure 17a), aliphatic CHO
(Figure 17b), and phosphorus containing (Figure 17c) formulas that are possible inhibitor
species. All Venn diagrams in Figure 17 show that the anode-isolated substances contain
the highest percentage of unique molecular formulas (i.e., those that do not overlap with
the other two samples). This observation is important because inhibition is signiﬁcantly
higher for the anode-isolated substances, suggesting that more compounds similar in
nature to the inhibiting species should be found in the anode-isolated substances.
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Figure 18. The Venn diagrams of 3 groups of possible inhibitory compounds (based on
molecular formula assignment). Percentages in areas of overlap are molecular formulas
that appear in both (or all three) of those samples. Percentages in areas with no overlap
are molecular formulas that are unique to that individual sample.
A major diﬀerence in the Venn diagrams of Figure 17 is the percentage of formulas
assigned to all three fractions. Both the sulfur and phosphorus containing formulas show
≤2% of the formulas were assigned to all three fractions, but that a signiﬁcant amount of
each are common to both the anode- and cathode-isolated substances (Figure 17a and 17
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c). This observation correlates well with the bioassay experiments previously
published,12 where the cathode-isolated substances showed more inhibition then the
center chamber retained substances. The aliphatic CHO formulas show an opposite trend,
in which 67% of the formulas were assigned to all three fractions, with another 14% of
formulas common to only the anode-isolated and center chamber retained substances.
This observation suggests that a number of similar compounds exist in all three of the ED
separated fractions, where their actual concentration could play a vital role in algal
growth inhibition. Because ESI-FTICR-MS is not a quantitative technique, we can only
comment here on the number of formulas assigned to the various fractions and not
speculate on how that could relate to their concentration within each fraction.
4.3.5

Kendrick Mass Defect Analysis

To more closely examine molecular formulas and how they are related to one another,
many have found it useful to perform Kendrick mass defect (KMD) analysis. (Kendrick
et al., 1963; Kramer et al., 2004; Sleighter and Hatcher, 2007) KMD analysis is often
utilized to ﬁnd and highlight formulas that fall into homologous series based on m/z
values that diﬀer only by the exact mass of a certain functional group (i.e., a CH2 group).
After a particular functional group is chosen, the Kendrick mass of a molecular formula
is calculated by multiplying the ratio of the nominal mass to the exact mass (of the
functional group) by the calculated exact m/z of the assigned formula. The KMD is then
calculated by subtracting the Kendrick mass from the nominal mass. This KMD value
can be plotted against the nominal Kendrick mass, to form what is known as a KMD plot.
In this plot, homologous series fall on the same horizontal line, because the formulas
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have identical KMD values and diﬀer by the nominal mass of the functional group. We
hypothesize that at least one carboxyl group is a speciﬁc characteristic of the inhibitor
and could most likely account for the majority of the inhibiting compound(s) migration to
the anode-isolated substances and contribute to the acidic pH (3.94) associated with the
original pinewood BWES. Figure 18a−c shows the KMD plots of carboxyl (COO) groups
for the common molecular formulas in all three pinewood BWES fractions (Figure 18a),
condensed CHOS formulas (Figure 18b), and aliphatic CHO formulas (Figure 18c).
Because of the small number of phosphorus containing formulas, the KMD analysis is
not shown as it did not exhibit any series containing more than two

85

Figure 19. Kendrick mass defect plots using the carboxyl functionality for a) the
molecular formulas assigned to all three electrodialysis-separated pinewood BWES
fractions (molecular formulas shown in Fig. 16a), b) condensed CHOS formulas (Fig.
18a), and c) aliphatic CHO formulas (Fig. 18b). Expanded regions of each plot are shown
in the Supporting Information (Figure 19).
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members for any KMD value. Figure 19 shows an expanded region of the KMD plots
shown in Figure 18 panels a−c, to highlight the numerous series found when KMD
analysis is employed. Figure 19a−c highlights that in all three groups, numerous series of
formulas that diﬀer only by a carboxyl group (ranging from 2 to 5 carboxyl groups) are
present. This ﬁnding suggests that it is highly likely that the inhibiting species contains
carboxyl functionality and could explain both their migration into the anode chamber
during ED and contribute to the acidic pH (3.94) of pinewood BWES.
Figure 20a−d shows KMD plots for water (left) and methoxyl (right) for
the common molecular formulas in all three pinewood BWES fractions (Figure 20a),
condensed CHOS formulas (Figure 20b) and aliphatic CHO formulas (Figure 20c). These
plots show that not only do these possible inhibitors most likely contain carboxyl groups,
they also all show hydroxyl and methoxyl functionality as well. All three functionalities
highlighted by KMD analysis are commonly associated with functionality of degraded
lignin, and thus, are worth discussing.
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Figure 20. Expanded regions of Kendrick mass defect plots shown in Figure 4a-c. Red
circles connected by horizontal lines show molecular formulas that have identical KMD
values and differ by the nominal mass of a carboxyl group (44 Da).
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Figure 21. Kendrick mass defect plots using the functional groups water (H2O, left) and
methoxy (OCH2, right) for a) the molecular formulas common to all three electrodialysisseparated pinewood BWES (molecular formulas shown in Fig. 2a van Krevelen), b)
condensed CHOS formulas (Fig. 3, middle) and c) aliphatic CHO formulas (Fig.
3,bottom).
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Lignin is a complex, high-molecular-weight biopolymer composed of
phenylpropanoids primarily linked by ether linkages. Lignin is formed from the enzymeinitiated random free-radical copolymerization of three diﬀerent phenylpropane
monomers (p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol), often referred to
as monolignols. (Klein and Virk, 2008) Its composition varies in different plants, but
lignin is most commonly found in wood cells. It is known that softwoods, (i.e.,
pinewood) contain the highest lignin content, around 30%, (Liu et al., 2008) followed by
hardwoods and grasses. Because of its complex nature, much is still unclear about
lignin’s exact structure, and thus the ability to fully characterize the pyrolytic degradation
is limited. As previously mentioned, Lin et al. (2012) found a variety of water extractable
organic carbon substances from multiple biomass pyrolyzed biochars, characteristic of
high molecular weight biopolymers, humic substances, and other components using LCOCD. During pyrolysis, lignin-containing biomass undergoes four stages of thermal
degradation: moisture evolution, hemicellulose decomposition, cellulose decomposition,
and lignin decomposition. (Yang et al., 2007) Previous studies show that decomposition
of hemicellulose and cellulose occur below 400 °C, (Podgorski et al., 2012; Liu et al.,
2008) while the decomposition of lignin can vary as high as 900 °C, according to Yang et
al. (2007) In this study, pinewood biomass was pyrolyzed at 450 °C, and thus thermal
decomposition of hemicellulose and cellulose is likely to have occurred. We have shown
using ESI-FTICR-MS that molecular formulas assigned to BWES contain O/C and H/C
ratios that largely resemble those characteristic of degraded lignin, with minor
contributions from hemicellulosic and cellulosic derived species. The van Krevelen plots
reveal four groups of possible inhibitor species (based on molecular formulas) ranging
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from low O/C and low H/C (characteristic of condensed aromatics) to high O/C and high
H/C (characteristic of more aliphatic compounds), which were further subjected to KMD
analysis. KMD analysis strengthened our previous hypothesis that the inhibiting species
contains carboxyl functionality, when three possible inhibitory groups of formulas with
varying O/C and H/C ratios as possible candidates are used. KMD analysis also showed
that the possible inhibitor species most likely contain hydroxyl and methoxyl
functionalities commonly associated with the pyrolytic degradation of lignin. Although
KMD and van Krevelen analysis from FTICR-MS data can provide valuable information
regarding functionality, structural information is not available solely on the basis of the
knowledge of a molecular formula. Further isolation of the inhibitor species is currently
being explored, so that subsequent FTICR-MS analysis can be utilized as a critical tool
for the analysis of BWES.
4.4

CONCLUSION
In this study, we have shown the eﬀectiveness of ultrahigh resolution mass

spectrometry and its application for understanding the relationship between biochar water
extractable substances and the inhibition of aquatic photosynthetic microorganism
growth, at a molecular level. We revealed that growth inhibition of aquatic
photosynthetic microorganisms is most likely due to degraded lignin-like species rich in
oxygen containing functionalities. The new application of FTICR-MS presented in this
study has shown potential to be utilized as a valuable characterization technique for
studying the possible contaminants that would leach into the aquatic environment if
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biochar were used as both a carbon sequestration technique and soil amendment on the
scale of gigatons of carbon.

93
CHAPTER 5
AN INVESTIGATION INTO THE SOURCES OF BIOCHAR WATER SOLUBLE
ORGANIC COMPOUNDS AND THEIR POTENTIAL TOXICITY ON AQUATIC
MICROORGANISMS
A paper in review at ACS Sustainable Chemistry & Engineering
Cameron R. Smith, Patrick G. Hatcher, Sandeep Kumar, and James W. Lee
Abstract
During biochar production, a number of pyrolysis intermediates
recondense on the surface of biochar where potentially they may play an interesting role
in soil and freshwater environments. This study investigated the sources of biochar watersoluble organic compounds (WSOC) as a function of biomass materials including
cellulose and lignin and also as a function of pyrolysis temperature from 300 to 500 °C in
relation to their potential toxicity to freshwater blue-green algae, Synechococcus. The
amount of WSOC extracted from biochar, irrespective of biomass starting material,
decreased significantly as a function of pyrolysis temperature. For biochars produced at
pyrolysis temperatures below 400 °C, algal bioassays and advanced mass spectrometry
analyses revealed that toxic WSOC extracted from pinewood-derived biochar was most
likely due to mono-, di-, and trisubstituted phenolic compounds derived from lignin,
while toxic WSOC extracted from cellulose-derived biochar was acidic and bio-oil like in
nature. For pinewood biochar produced at temperatures above 400 °C, WSOC contained
small to nondetectable (500 °C) amounts of phenolic compounds and decreased from
664.5 ± 6.2 mg DOC/kg biochar (300 °C) to 75.39 ± 0.42 mg DOC/kg biochar (500 °C)
with no observable toxicity on blue-green algae growth. Additionally, this study

94
investigated toxicity caused by an imperfect reactor condition, such as the presence of
cold spots and insufficient evacuation of pyrolysis intermediates, leading to a significant
amount of toxic WSOC.
5.1

Introduction
Biochar, a carbon rich solid material from the pyrolysis of biomass, has

gained significant interest worldwide for its potential use as both a carbon sequestration
technique and soil amendment. (Lee and Day, 2012) Its positive effects on soil quality
and crop yields have proven to be significant, but its potential impacts on other aspects of
the environment, specifically its effects on seed germination, (Buss and Mašek, 2014)
soil microbes, (Lehmann et al., 2011) and aquatic microorganisms, (Kołtowski and
Oleszczuk, 2015; Smith et al., 2013) have yet to be fully investigated. Previous studies
related to negative effects have been associated with polycyclic aromatic hydrocarbons
(PAHs), (Oleszczuk et al., 2013; Rogovska et al., 2012) while others have studied
potentially toxic elements (PTE) and found no correlation and high variability between
biochar samples. (Freddo et al., 2012) Recently, Buss et al., (2015) have shown that
recondensed pyrolysis liquids and vapors give rise to phytotoxic water-soluble organic
compounds due to high levels of volatile organic compounds (VOCs), especially low
molecular weight organic acids and phenols. Rombolà et al. (2015) suggested that
phytotoxicity in poultry litter derived biochar was attributed to hydrophilic biodegradable
substances derived from lipids or proteins and states that these compounds are removable
by water leaching and microbial treatment. As we have discussed previously, (Smith et
al., 2013) Rombolà et al. (2015) also pointed out that hydrophilic organic compounds
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recondensed on the surface or trapped in biochar will leach or runoff into nearby lakes,
streams, and rivers, which could potentially impact surrounding freshwater ecosystems.
Given the potential environmental importance of biochar as a soil
amendment and carbon sequestration technique and its possible water-soluble organic
compound (WSOC) toxicity, it is important that the characterization of the WSOC be
thoroughly investigated before biochar is used on a large scale. Important studies have
been performed in the past on organic compounds (volatile organic compounds (VOC),
polycyclic aromatic hydrocarbons (PAHs), dioxins) associated with a variety of biochars
produced from different biomass, temperatures, and pyrolysis types. (Hale et al., 2012;
Spokas et al., 2011) Both studies suggested that organic compounds associated with
biochar production could play important roles (stimulatory or inhibitory) in plant and
microbial systems.
5.2

Materials and Methods

5.2.1

Biomass Material and Biochar Synthesis
Loblolly pine wood (Pinus taeda) samples were obtained from lower level

branches in southeastern Virginia (Norfolk, VA). The pine wood branches, with a
diameter ranging from 5 to 10 cm, were chipped in house (particle size varied). Medium
fiber high purity cellulose was purchased from Sigma-Aldrich (C6288). Lignin
(dealkaline) was obtained commercially from Tokyo Chemical Industry Co., Ltd.
(L0045). All samples were dried to <10% moisture in a conventional electric oven at 75
°C. The appropriate biomass was converted to biochar via slow pyrolysis using a Parr
batch reactor (model 4570, Parr Instrument Company, shown in Figure 22) equipped with
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a 500 mL reaction vessel and reactor controller (model 4848, Parr Instrument Company).
Prior to heating, the inside of the reaction vessel was purged with N2 gas for at least 5
min. Biomass was placed in the 500 mL reaction vessel and heated to 300, 400, or 500 °C
at a rate of 5−10 °C/min and held at the highest treatment temperature (HTT) for 30 min.
All biomass pyrolysis reactions were conducted under open reaction conditions (ambient
atmospheric pressure). SpecView software was used for real-time monitoring of the
inside reaction temperature. After the reaction was complete, the inside of the reactor was
cooled using an internal water jacket (part of Parr reactor system) while the outside was
cooled using an in-house water cooling system (cooled 10−20 °C/min). Positive pressure
inside the reactor during cooling was controlled via N2 sweep gas at a flow rate less than
1 mL/min. All biochar production was performed in duplicate except for cold spot
biochar produced at 500 °C which was performed once. In order to simulate a cold spot,
the Parr reaction vessel was filled with biomass so that no headspace was present and
uneven heating was observed. In this study, a cold spot is defined as any area where
temperature is lower than the desired highest treatment temperature. Figure 23 depicts the
thermal conversion of biomass via normal pyrolysis with adequate headspace compared
to pyrolysis with a cold spot present. The average biochar yield for each biomass
pyrolyzed at a specific temperature is shown in Table 5 (raw data shown in Table 6).
5.2.2

Extraction of Biochar WSOC
Extractions of cellulose-derived and lignin-derived biochar WSOC were

performed by soaking 50 g of biochar in 200 mL of ultrahigh-quality (UHQ) MilliQ
water (Millipore). The biochar-water mixture was placed on a shaker platform operating
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at 110 to 130 rpm. After at least 48 hours, the biochar-water mixture was vacuum filtered
via a Büchner funnel using No. 5 grade Whatman© filter paper. Using the same 50 g of
biochar, the extraction was performed two more times using 200 mL of fresh UHQ
MilliQ water each time. Extractions were combined to give a total biochar water
extraction volume of 600 mL, and then frozen and freeze-dried (170 Torr, -75°C) to
obtain the biochar WSOC as dry solids. Biochar WSOC was re-dissolved in a known
amount of UHQ MilliQ water. Following re-dissolution of the biochar WSOC dissolved
organic carbon and pH measurements were conducted. Pinewood-derived biochar water
extractions were performed by soaking 30 grams of biochar in 60 mL of UHQ MilliQ
water. The 2:1 ratio of water to char was performed in order to obtain concentrated
biochar WSOC for direct use in the bioassays described below. The biochar-water
mixture was placed on a shaker platform operating at 110 to 130 rpm. After at least 48
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Figure 22. Photograph (a) and schematic diagram (b) show the Parr batch reactor (model
4570, Parr Instrument Company) used to perform slow pyrolysis of cellulose, lignin and
pinewood at 300°C, 400°C and 500°C.
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hours, the biochar-water mixture was vacuum filtered via a Büchner funnel using No. 5
grade Whatman© filter paper. The filtrate, as shown in Figure 24, was used immediately
for bioassays, molecular characterization, DOC and pH measurements.

Figure 23. Diagram on the left depicts the inside of the Parr reaction vessel for the
production of biochar used in this study (P500 and all other samples). Diagram on the
right depicts the inside of the Parr reaction vessel when a cold spot is present (CSP500).
5.2.3

Bioassay of biochar WSOC and Algal Growth Monitoring
Procedures for conducting the bioassay of WSOC and algal growth

monitoring were performed according to Smith et al. (2013) with few modifications.
Briefly, bioassays of biochar WSOC with blue−green, Synechococcus elongates (PCC
7942) were conducted using Corning Costar 12-well culture plates with 5-mL capacity.
BG-11 medium was prepared and used as the Synechococcus culture medium for the
bioassay experiments. The appropriate amount of biochar WSOC (ranging from 0 to
1500 µL) was then added into the 5-mL bioassay well containing liquid algal culture
(ranging from 1000 to 2500 µL). Any liquid volume difference due to the addition of
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biochar WSOC was properly balanced with UHQ MilliQ water to give a total volume of
2.5 mL for each assay well. The final biochar WSOC concentration (dose) in each well
was based on DOC measurements (150, 75 or 50, 25 and 0 ppm). On each multi-well
plate, one well was designated as a blank (uncultured BG-11 with UHQ MilliQ water).
All 12-well culture plates were placed on a shaker platform operating continuously at 100
rpm. The algal culture bioassay plates were illuminated at an actinic intensity of about 25
μE/m2·s provided by use of daylight fluorescent lamps above the shaker platform. The
algal growth in every well of the multiwell plates was monitored by measuring the
change in absorbance at 680 nm (algal chlorophyll absorbance peak) and by recording
other observable changes (color and transparency) via photographs. Absorbance was
measured using a BioTek Synergy HT multimode microplate reader in which each
reading took roughly 1—2 mins at room temperature. Bioassays were performed in
duplicate while each plate reading was measured daily in quadruplicate over a 7 day
assay period.
5.2.4

Chemical Analyses and Characterization
Biochar samples were analyzed (after extraction of WSOC) for elemental

carbon (C) and hydrogen (H) composition using a Flash 1112 series Elemental Analyzer
(EA). Sample response areas were calibrated to a standard curve via nicotinamide (CE
Elantech, Inc., CAS 98-92-0). Biochar WSOC samples were analyzed for their DOC
concentrations by high temperature catalytic combustion to CO 2 on a Shimadzu TOCVCPH total organic carbon analyzer calibrated with potassium hydrogen phthalate.
Samples were acidified and sparged prior to DOC measurement, to remove C
contributions from inorganic carbon. Each sample was analyzed in triplicate for EA,
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DOC and pH measurements, and raw data in Table 5 shows the averages. Table 6 shows
the average of the experimental duplicates.
GC×GC-MS analysis of re-dissolved dry biochar WSOC in ethyl acetate
was achieved using an Agilent 6890 2D GC coupled to Leco Pegasus IV Time of Flight
Mass Spectrometer (TOFMS). The biochar WSOC sample was injected into a heated
(280°C) splitless injector using a 1 μL injection volume. The first dimension column was
a nonpolar Restek Rtx-5 (30 m × 0.25 mm × 0.25 μm) while the second dimension
separation was performed on a polar Restek Rxi-17 (1.1 m × 0.1 mm × 0.1 μm). The
carrier gas was helium at a constant flow rate of 1.0 mL min –1. The temperature program
was as follows: 40°C for 2 min, 10°C min–1 to 280°C and held at 280°C for 10 min. The
second dimension column was held at a constant temperature of 310°C. The TOFMS
transfer line temperature was 280°C, the electron ionization mode was set to 70 eV, and
the MS ion source temperature was 200°C. The MS detector voltage was set to 1550 V
and the data acquisition rate was 200 spectra min–1 over a mass range of 45-500 Da.
Compounds were identified using a NIST spectral database.
ESI-FTICR- MS spectral analysis was conducted with an Apollo II ESI
ion source on a Bruker Daltonics 12 Tesla Apex Qe FTICR-MS in the College of
Sciences Major Instrumentation Cluster (COSMIC) facility at Old Dominion University.
All samples were prepared using PPL solid phase extraction cartridges (Agilent, Bond
Elut PPL, 100 mg resin, 3 mL volume) according to Dittmar et al. (2008). Briefly,
biochar WSOC samples were diluted to 50 ppm (4 mL), acidified to a pH of 2 and
extracted via PPL cartridges conditioned with methanol (MeOH, 6mL) and acidified
UHQ MilliQ water (6 mL), eluting via gravity. After the extraction, cartridges were
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rinsed with acidified UHQ MilliQ water (9 mL), dried under nitrogen and eluted with
MeOH via gravity (3 mL). Each sample was diluted by 2 with UHQ MilliQ water and
analyzed in negative ion mode, in which the ESI voltages, ion accumulation and number
of co-added scans were optimized. All mass spectra were externally and internally
calibrated according to previously published methods, (Sleighter et al., 2008) while
formula assignment was done similar to Stubbins et al. (2010). For the purposes of this
study, only formulas containing carbon (C), hydrogen (H) and oxygen (O) were
interpreted. Although heteroatom containing compounds could be an interesting study,
they were not discussed here.
5.3

Results and Discussion

5.3.1

Biochar and DOC Relationship
Table 5 shows the biochar yields and elemental analysis (carbon and

hydrogen) of pyrolyzed pinewood, cellulose, and lignin at 300, 400, and 500 °C,
respectively. These results are consistent with the well-known effects of slow pyrolysis
temperature on the yields of solid char residue. (Demirbas, 2004) As pyrolysis
temperature increases, the amount of biochar produced decreased while the amount of
carbon percent increased and hydrogen decreased. When pinewood biomass was
pyrolyzed at 500 °C with a cold spot present (CSP500), the biochar yield was relatively
unaffected (roughly 33%) while the observed carbon percentage was lower (75.2 ± 1.9%)
and the hydrogen percentage was higher (3.51 ± 0.18%) indicating physical differences in
P500 (83.6 ± 3.8% C and 3.23 ± 0.01% H) and CSP500 char.
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Table 5. Biochar yield, elemental analysis (oven-dry wt. % basis) and water soluble
organic compounds (WSOC) characteristics.
Biochar Sample
(ID)

Biochar
% Yield

Biochar
%C

Biochar
%H

Biochar
WSOC
(mg DOC
/50 g
biochar)

Biochar
WSOC
pH

Cellulose 300 (C300)

37.9 ± 2.2

74.2 ± 1.0

3.35 ± 0.08

1251 ± 670

3.73 ± 1.20

Cellulose 400 (C400)

31.2 ± 0.7

79.7 ± 0.5

3.06 ± 0.11

60.32 ± 3.43

8.02 ± 0.97

Cellulose 500 (C500)

28.3 ± 0.5

83.4 ± 1.4

2.79 ± 0.08

28.58 ± 12.32

9.64 ± 0.10

Lignin 300 (L300)

62.5 ± 2.9

70.3 ± 0.1

2.99 ± 0.25

215.9 ± 112.1

9.82 ± 0.10

Lignin 400 (L400)

61.7 ± 0.4

75.3 ± 0.6

2.78 ± 0.21

120.1 ± 0.8

10.03 ± 0.12

Lignin 500 (L500)

60.6 ± NR

81.6 ± 1.4

2.27 ± 0.14

70.59 ± 42.01

10.45 ± 0.50

Pine 300 (P300)

45.4 ± 0.4

69.8 ± 4.7

3.70 ± 0.22

664.5 ± 6.2

6.24 ± 1.56

Pine 400 (P400)

37.9 ± 0.1

77.4 ± 3.1

3.84 ± 0.04

135.8 ± 12.4

7.71 ± 0.47

Pine 500 (P500)

33.8 ± 1.1

83.6 ± 3.8

3.23 ± 0.01

75.39 ± 0.42

8.33 ± 0.07

*Cold Spot Pine 500
(CSP500)

32.4

75.2 ± 1.9

3.51 ± 0.18

280.0 ± 1.4

7.60 ± 0.01

NR = Not Recorded
* = Not done in duplicate
After biochar was produced, it was immediately extracted with water to
study the effect of pyrolysis temperature on extractable WSOC, example shown in Figure
24. Table 1 shows the DOC measurements for each of the aforementioned samples.
Regardless the biomass starting material, the amount of extractable WSOC on the surface
or trapped in biochar decreased as a function of temperature. WSOC extracted from C300
contained the largest amount of DOC (1251 ± 670 mg DOC/kg biochar) while WSOC
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Table 6. Raw data biochar yields, elemental analysis (oven-dry wt. % basis) and water
soluble organic carbon characteristics.

105
extracted from both L300 and P300 were significantly less (215.9 ± 112.1 and 664.5 ±
6.2 mg DOC/kg biochar). In addition, biochar WSOC pH was also recorded and found to
increase as a function of pyrolysis temperature. These observations are consistent with
previous studies. (Lin et al., 2012; Liu et al., 2015) WSOC extracted from C300 was the
only sample with a highly acidic pH (3.70 ± 1.20), while P300 WSOC was 6.24 ± 1.56,
and all other samples above pH 7. The amount of WSOC extracted from CSP500 (280.0
± 1.4 mg DOC/kg biochar) was approximately four times greater than P500 (75.39 ± 0.42
mg DOC/kg biochar). This observation was significant because it suggests that the
majority of WSOC extracted from CSP500 is most likely from the recondensation of
pyrolysis intermediates (bio-oils) at the top of the reactor where temperature is slightly
lower and no headspace is present (diagram shown in Figure 23).

Figure 24. Photograph showing water soluble organic compounds (WSOC) extracted
from pinewood biochar pyrolyzed at 300°C (P300), 400°C (P400) and 500°C (P500).
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5.3.2

Biochar WSOC Bioassay
Bioassay results showed that the WSOC extracted from biochars produced

at a pyrolysis temperature of 300°C from cellulose (C300) and pinewood (P300)
inhibited the growth of cyanobacteria, Synechococcus elongatus, while lignin-derived
biochar (L300) produced at 300°C showed almost no inhibitory effects below 150 ppm
DOC. Figure 25 presents the observed growth curves of Synechococcus elongatus culture
in BG-11 medium with 75 ppm DOC (concentrations 0 to 150 ppm along with
photographs shown in Figures 26 and 27) of WSOC extracted from C300 (Fig. 25a, dark
blue squares) and L300 (25b, dark red squares). As shown in Figure 25a and 25b, the
cyanobacterial culture density for the treatment with 75 ppm of C300 WSOC as
measured by absorbance at 680 nm (chlorophyll absorbance peak) remained unchanged
(flat) during the bioassay period (7 days), which indicated no growth (completely
inhibited), whereas the treatment with L300 WSOC showed growth similar to the control
(Fig. 25, green diamonds). Because WSOC extracted from C300 had an acidic pH of 3.70
± 1.20, sodium hydroxide was used to neutralize C300 WSOC to pH 7.45 ± 0.01 for an
additional bioassay. Figure 28 showed that the toxicity of neutralized C300 (NC300)
WSOC was decreased, by roughly a factor of 2, but still showed a significant inhibitory
response. Figure 25a also showed that WSOC extracted from C400 was less toxic than
C300 WSOC while C500 WSOC at a concentration of 75 ppm DOC showed no toxicity
to algal growth. These results are significant since cellulose and other carbohydrate
material is known to thermally decompose at lower temperatures, below 400°C, (Boon et
al., 1994) producing a number organic compounds that could be toxic as discussed in
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more detail in later sections. Figure 25b shows that WSOC extracted from lignin-derived
biochar manifested an opposite trend in

Figure 25. Blue-green algae Synechococcus sp. growth (measured as the absorbance at
680 nm) treated with water soluble organic compounds (WSOC) from cellulose, lignin
and pinewood biochar at different pyrolysis temperatures. Graphs (a) and (b) show the
growth of blue-green algae exposed to 75 ppm DOC WSOC extracted from 300°C
(square), 400°C (circle) and 500°C (triangle) cellulose (blue, a) and lignin (red, b)
biochar.
toxicity than cellulose biochar WSOC. WSOC extracted from L400 and L500 exhibited a
toxic response on the growth of blue-green algae while L300 did not.
Figure 29 shows the effects of biochar WSOC extracted from pyrolyzed
pinewood at 300°C (P300,top), 400°C (P400, middle), and 500°C (P500, bottom) at the
concentration of 25 ppm, 50 ppm and 150 ppm DOC on cyanobacteria growth,
Synechococcus elongatus (photographs shown in Figures 29). It is important to mention
that the overall amount of extracted P500 WSOC was significantly low, and thus, the
growth curve for P500 in Figure 29 only shows the response of algal growth with its
concentration of 25 ppm DOC. From Figure 29, WSOC extracted from P300 inhibited
growth of Synechococcus elongatus, while WSOC extracted from P400 and P500 showed
no significant effects when compared to the control (green diamonds). These findings
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suggest that, at low pyrolysis temperatures, below 400°C, WSOC extracted from
pinewood biochar could be toxic due to cellulosic derived-intermediates and/or
hydrophilic bio-oil components that either re-condense on the surface of biochar or
become trapped in biochar during thermal degradation based on cellulose-derived biochar
WSOC bioassay results (Fig. 25a). At higher temperatures, above 400°C, WSOC
extracted from pinewood biochar (based on mg DOC/kg biochar) decreased drastically,
and toxicity on the growth of blue-green algae was not observed at its concentration of 25
and 50 ppm DOC (Fig. 29).
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Figure 26. Bioassay of cellulose biochar water soluble organic compounds (WSOC) with
blue-green algae, Synechococcus, in BG-11 culture medium. Graphs on the left show the
algal growth (absorbance measurements at 680 nm) curves with 150 ppm DOC (black,
square), 75 ppm DOC (red, circle), and 25 ppm DOC (blue, triangle) WSOC extracted
from cellulose biochar pyrolyzed at 300°C (C300), 400°C (C400) and 500°C (C500).
Photographs on the right show the bioassays at day 0 (top), day 3 (middle) and day 6
(bottom) where columns tested different samples (C300-C500) and rows tested
concentration (150 ppm DOC – 25 ppm DOC). Far right column in photographs show
two control wells (labelled C in day 0) with 0 ppm DOC WSOC and one blank well
(labelled B in day 0) with uncultured BG-11 and 0 ppm DOC WSOC.
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Figure 27. Bioassay of lignin biochar water soluble organic compounds (WSOC) with
blue-green algae, Synechococcus, in BG-11 culture medium. Graphs on the left show the
algal growth (absorbance measurements at 680 nm) curves with 150 ppm DOC (black,
square), 75 ppm DOC (red, circle), and 25 ppm DOC (blue, triangle) WSOC extracted
from lignin biochar pyrolyzed at 300°C (L300), 400°C (L400) and 500°C (L500).
Photographs on the right show the bioassays at day 0 (top), day 3 (middle) and day 6
(bottom) where columns tested different samples (L300-L500) and rows tested
concentration (150 ppm DOC – 25 ppm DOC). Far right column in photographs show
two control wells (labelled C in day 0) with 0 ppm DOC WSOC and one blank well
(labelled B in day 0) with uncultured BG-11 and 0 ppm DOC WSOC.
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Figure 28. Bioassay of biochar with neutralized cellulose 300°C (NC300) biochar water
soluble organic compounds (WSOC) with blue-green algae, Synechococcus, in BG-11
culture medium. Graph shows the algal growth (absorbance measurements at 680 nm)
curves with 150 ppm DOC (black, square), 75 ppm DOC (red, circle), and 25 ppm DOC
(blue, triangle) neutralized WSOC extracted from cellulose 300° C biochar. Photographs
on the right show the bioassays at day 0 (left, day 3 (middle) and day 6 (right) where
rows tested concentration (150 ppm DOC – 25 ppm DOC). Far right column in
photographs show two control wells (labelled C in day 0) with 0 ppm DOC WSOC and
one blank well (labelled B in day 0) with uncultured BG-11 and 0 ppm DOC WSOC.
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Figure 29. Bioassay of pinewood biochar water soluble organic compounds (WSOC)
with blue-green algae, Synechococcus, in BG-11 culture medium. Graphs on the left
show the algal growth (absorbance measurements at 680 nm) curves with 150 ppm DOC
(black, square), 50 ppm DOC (red, circle), and 25 ppm DOC (blue, triangle) with WSOC
extracted from pinewood biochar pyrolyzed at 300°C (P300), 400°C (P400) and 500°C
(P500). Photographs on the right show the bioassays at day 0 (top), day 3 (middle) and
day 6 (bottom) where columns tested different samples (L300-L500) and rows tested
concentration (150 ppm DOC – 25 ppm DOC). Far right column in photographs show
two control wells (labelled C in day 0) with 0 ppm DOC WSOC and one blank well
(labelled B in day 0) with uncultured BG-11 and 0 ppm DOC WSOC.
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Our previous research showed that pinewood biochar WSOC produced via
auger reactor at 450°C was toxic to blue-green algae and had a highly acidic pH around
3.94 and roughly 19,000 mg DOC/kg biochar. (Smith et al., 2013) These results are
significant because both biochar WSOC were extracted from pinewood biochar, but
WSOC extracted from P400 and P500 produced via batch reactor showed a relatively
neutral (7.71 ± 0.47) to basic (8.33 ± 0.07) pH and 135.8 ± 12.4 and 75.39 ± 0.42 mg
DOC/kg biochar (Table 5) suggesting that cellulosic pyrolysis intermediates (biooils)
were most likely responsible for the acidic pH and associated toxicity observed in our
previous study. Figure 30 shows the growth of blue-green algae exposed to WSOC
extracted from biochar produced from pinewood pyrolyzed at 500°C with a cold spot
present at the top of the batch reactor (CSP500). At concentrations as low as 25 ppm
DOC, CSP500 showed inhibition of blue-green algal growth when compared to the
untreated algal control (photographs shown in Fig. 31). This observation is important
since it suggests that pyrolysis temperature, although important, is not the only
determining factor in WSOC toxicity on freshwater algae Synechococcus, but that a good
pyrolysis reactor design must also be able to efficiently evacuate pyrolysis vapors to
avoid potentially toxic WSOC from being retained in the biochar product.
5.3.3

Characterization of Volatile Biochar WSOC
A qualitative study was performed on volatile WSOC extracted from

biochar via GC×GC-TOFMS analysis in order to study the correlation between volatile
WSOC and biochar pyrolysis temperature. Figures 32, Figure 33, and Table 7 show an
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example of GC×GC-TOFMS analysis using extracted ion chromatograms to identify
compounds via National Institute of Standards and Technology (NIST) spectral database.

Figure 30. Blue-green algae Synechococcus growth (measured as the absorbance at 680
nm) treated with 150 ppm DOC (squares), 75 ppm DOC (circles), and 25 ppm DOC
(triangles) water soluble organic compounds (WSOC) extracted from cold spot pinewood
biochar 500°C (CSP500) in comparison with control (dark green, diamonds).

Figure 31. Photographs show the growth of blue-green algae, Synechococcus, treated
with 150 ppm DOC, 75 ppm DOC, and 25 ppm DOC water soluble organic compounds
(WSOC) extracted from cold spot pinewood 500°C biochar at day 0 (left), day 3 (middle)
and day 6 (right). Right column in photographs show two control wells (labelled C in day
0) with no WSOC extract and one blank well (labelled B in day 0) with uncultured BG11 and no WSOC extract.
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Table 8 shows a wide range of small organic compounds (phenols, acids,
PAHs, carbohydrates, guaiacols, pyrocatechols, furans and ketones) found in WSOC
extracted from cellulose, lignin and pinewood biochar produced at pyrolysis temperatures
of 300°C, 400°C and 500°C. Table 8 highlights organic compounds that are commonly
found in bio-oils, and not necessarily a true representation of the complex nature of
hydrophilic volatile WSOC extracted from biochar. WSOC extracted from C300 (Table
8) contained a number of furans, represented by furfural and 2-furan methanol,
characteristic of cellulosic pyrolysis vapors that have shown toxic effects on algae. (Zhao
et al., 2013) C300 WSOC also contained 1,2-benzenediol (catechol) and hydroquinone
while both organic compounds were undetected in L300 WSOC. The formation of
pyrocatechols and hydroquinones can occur during cellulosic pyrolysis via cyclisation
and/or condensation reactions with a number of aldehydes and ketones present in
cellulosic pyrolysis vapors, (Russell et al., 1983) and both are known toxins to blue-green
algae. (Fitzgerald et al., 1952) Although GC×GC-TOFMS was not optimized to analyze
acetic acid and other small acids, C300 had an acidic pH of 3.70 ± 1.20, and several
linear carboxylic acids (hexanoic—nonanoic, Table 8), indicating the presence of acidic
compounds that could also be involved in inhibition of blue-green algal growth.
However, as stated above, the results of a neutralized C300 biochar WSOC bioassay still
showed inhibition of algal growth. It is important to mention that selective toxicity assays
with small organic acids, including acetic acid, acetic anhydride and n-butyric, have been
tested on freshwater algae, Scenedesmus sp., and showed no major threat. (Bringmann
and Kühn, 1980)
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Table 8 also shows that a significant number of PAHs (fluorene,
fluoranthene, naphthalene, etc.) were detected in WSOC extracted from lignin biochar at
all pyrolysis
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Figure 32. Total ion chromatogram (a) and extracted ion chromatograms (b-d) GC×GCMS analysis of volatile water soluble organic compounds (WSOC) extracted from
pinewood 300°C (P300) biochar. (a) Total ion chromatgram, (b) phenols and guaiacol
(m/z 94 + 108 +122), (c) carbohydrates (m/z 60), (d) cyclic ketones and pyrocatechol (m/z
96 + 110). Peak numbers correspond to NIST spectral database assigned compounds in
table 7. Note: Not all peaks identified in Table 8. Qualitative analysis of volatile fraction
via GC×GC-MS for P300 WSOC are shown in extracted ion chromatograms (b-d).
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Table 7. Compounds corresponding to total ion and extracted ion chromatograms
in Figure 33.
Peak #

NIST spectral database identification

1

Phenol

2

2-methylphenol

3

3-methylphenol

4

2,4-dimethylphenol

5

3,5-dimethylphenol

6

2,3-dimethylphenol

7

2-methoxy-4-methylphenol (4-methyl guaiacol)

8

2-ethyl-4-methylphenol

9

4-ethyl-2-methoxyphenol (4-ethyl guaiacol)

10

2-methoxy-4-propylphenol

11

1-(4-hydroxy-3-methoxyphenyl)ethanone

12

1-(4-hydroxy-3-methoxyphenyl)-2-propanone

13

1,4:3,6-dianhydro-à-D-glucopyranose (DPG)

14

2,3-anhydro-d-mannosan

15

levoglucosan (1,6-anhydro-β-D-glucopyranose)

16

3-methyl-2-cyclopenten-1-one

17

2,3-dimethyl-2-cyclopenten-1-one

18

4-(1-methylethyl)-2-cyclohexen-1-one

19

1,2-benzenediol (catechol)
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temperatures, while WSOC extracted from cellulose and pinewood biochar showed few.
This observation is important because it could explain the toxicity of L400 and L500
WSOC, and that the concentrations of PAHs are likely associated with higher pyrolysis
temperatures, above 400°C. WSOC extracted from P400 and P500, however, only
contained a few PAHs. It is known that pinewood biomass is composed of 25 to 30%
lignin by dry weight of wood, (Campbell and Sederoff, 1996) and thus, PAH
concentration derived from pinewood-derived biochar is likely much lower than that of
WSOC extracted from lignin-derived biochar.
A large variety of mono-, di- and trimethylated phenols were detected in
WSOC extracted from P300 while few phenolic species were identified in L300 and
almost none in C300. Like C300 WSOC, P300 WSOC also contained 1,2-benzenediol
(catechol) that was not present L300 WSOC. As mentioned above, catechols have shown
to be toxic to algae. As a whole, GC×GC-TOFMS analysis of WSOC extracted from
P300 showed many organic compounds characteristic of pyroligneous acid. (Mathew and
Zakaria, 2015) Pyroligneous acid is a light yellow to dark brown smoky aqueous acidic
mixture composed of many phenolic species, furan and pyran derivatives, and other
cellulosic and lignin thermal by-products. (Mathew et al., 2015) WSOC extracted from
P400 appears to have shown residual amounts of pyroligneous acid with the presence of a
few phenols and other compounds, but significantly lower concentrations based on the
overall amount of DOC (135.8 ± 12.4 mg DOC/kg biochar). WSOC extracted from P500
showed none of the organic compounds associated with pyroligneous acid and an overall
DOC amount of 75.39 ± 0.42 mg DOC/kg biochar.

Figure 33. Extracted ion chromatogram of cyclic ketones and pyrocatechol (m/z 96+110) GC×GC-MS analysis of volatile water soluble organic
compounds (WSOC) extracted from pinewood 300°C (P300) biochar. Expanded region shown is an example of the true mass spectrum observed for 1,2benzenediol (catechol).
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WSOC extracted from CSP500 showed similar GC×GC-TOFMS results
to P300 with a large number of phenols and carbohydrate by-products detected. When
volatile WSOC extracted from CSP500 was compared to P500, a drastic difference was
observed between the two samples. WSOC extracted from P500 contained almost no
volatile organic WSOC (undetectable by GC×GC-TOFMS analysis and 75.39 ± 0.42 mg
DOC/kg biochar) while CSP500 contained a considerable amount (based on peak area
and 280.0 ± 1.4 mg DOC/kg biochar). This observation, coupled with bioassay results,
indicated that volatile WSOC most likely from the re-condensation of pyrolysis
intermediates may be the main cause of toxicity. Buss and Mašek (2015) observed similar
toxic effects on seed germination and attributed phytoxicity to volatile organic
compounds.
It is important to distinguish the different characteristics of toxic WSOC
extracted from cellulose and pinewood. Figure 34 shows the WSOC extracted from C300
is a sticky viscous bio-oil, while toxic WSOC extracted from CSP500 is powder-like
substance. Here, we would like to distinguish between two types of possible toxins. Toxic
WSOC due to cellulosic thermal degradation are acidic bio-oil components most likely
containing high levels of toxic furans and small organic acids (based on pH), similar to
the toxic biochar WSOC shown by Smith et al. (2013) and Buss and Mašek (2015).
However, the toxic WSOC extracted from CSP500 are most likely phenolic compounds
derived from the thermal degradation of lignin.
Regardless the source of toxicity, these results are significant because it
suggests that WSOC extracted from biochar produced at temperatures above 400°C
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should exhibit relatively low toxicity (if any). Thus, if high amounts of WSOC extracted
from biochar
Table 8. Qualitative analysis of volatile fraction via GCxGC MS.
Phenols

Phenol

Phenol, 2-methylPhenol, 3-methyl-

Phenol, 2,3-dimethylPhenol, 2,4-dimethyl-

C300 C400 C500 L300 L400 L500 P300 P400 P500 CSP500
X

X

X

X

X

X

X

X

X

X

X

X

Phenol, 2,5-dimethyl-

X

Phenol, 3,4-dimethylPhenol, 3,5-dimethyl-

Phenol, 2,4,6-trimethylPhenol, 2,3,6-trimethyl-

Phenol, 3-ethyl-

Phenol, 2-ethyl-4-methyl-

X

Phenol, 2-ethyl-5-methyl-

X

Phenol, 4-ethyl-2-methyl-

Phenol, 3,5-diethyl-

Phenol, 3-propyl-

Pentanoic acid

X

Acenaphthene

Anthracene

Anthracene, 1-methyl-

X

X

X

X

Naphthalene

Phenanthrene
Pyrene

X

X

X

X

X

X

X

X
X

X
X

X
X

X

X

X
X

X

X

X

X

X

X
X

X

X

X

X

C300 C400 C500 L300 L400 L500 P300 P400 P500 CSP500

X

X

X

X

Fluorene

Fluoranthene

X

X

X

X

Octanoic acid

PAHs

X

C300 C400 C500 L300 L400 L500 P300 P400 P500 CSP500

X

Nonanoic acid

X

X

X

X

Hexanoic acid

Heptanoic acid

X

X

Phenol, 2-ethyl-

Butanoic acid

X

X

Phenol, 3,4,5-trimethyl-

Acids

X

X

X

X

X

X

X

X

X
X
X

X
X
X

X
X
X
X
X
X

X

X

X
X
X

X
X
X

X
X
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Continued Table 8. Qualitative analysis of volatile fraction via GCxGC MS.
Carbohydrates

C300

C400

C500

glucopyranose

X

X

X

galactofuranose

X

X

2,3-Anhydro-d-mannosan

X

Levoglucosan

1,4:3,6-Dianhydro-à-d1,6-Anhydro-à-d2,3-Anhydro-d-galactosan

Guaiacol and
Pyrocatechol

Guaiacol

X

X

C300

X

X

C400

Furans and Ketones

C500

2-Ethyl butanal

Furfural

2-Furan methanol
5-Methyl-2-

furancarboxyaldehyde

2-Cyclopenten-1-one, 2,3-

L300
X
X

L400
X

X

L500

X

X

X
C400

X

X

X
X

X

X

P400

X

X

X

C500

L300

P300
X

L400

L500

P300

P400

P500

CSP500
X
X
X

P400

P500

CSP500

X
X

X

methylethyl)-

X

X

X

X

X

X

X

X

X

X

X

X

Butyrolactone

X
X

X

methyl-

2-Hexanone

CSP500

X

X

2-Cyclohexen-1-one, 4-(1-

P500

X

X
C300

P300

X

Ethanone,1-(4-hydroxy-3-

Hydroquinone

L500

X

4-Ethyl guaiacol

1,2-Benzenediol

L400

X

4-Methyl guaiacol

methoxyphenyl)

L300

X
X

X

X

X

X
X

is observed, then investigation of reactor design should be of high priority. Above 400°C,
pyrolysis of pinewood at 500°C and the presence of a cold spot indicated that phenolic
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species released from the thermal degradation of lignin are most likely a larger threat.
Therefore, based on the above analysis, for producing cleaner biochars, it is important to
consider strict quality assurance protocols to ensure that pyrolysis bioils/vapors are
promptly evacuated from the pyrolysis reactor; and certain type of reactor conditions
such as “cold spots” should be avoided to prevent pyrolysis biooils/vapors from recondensing onto biochar products.

Figure 34. Photographs of freeze dried water soluble organic compounds (WSOC)
extracted from cellulose pyrolyzed at 300°C (a, C300) and cold spot pinewood pyrolyzed
at 500°C (b, CSP500).
5.3.4

Mass Spectral Characteristics of Biochar WSOC
In general, ultra-high resolution mass spectral analysis via ESI-FTICR-MS

showed that the majority of peaks were detected between 200-800 m/z for WSOC
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extracted from cellulose, lignin and pinewood-derived biochars. Like other complex
mixtures (i.e., natural dissolved organic matter), it is necessary to mention that the
observed peaks are all singly charged, based on the observation of the 13C isotope peak at
1.00335 m/z units (the mass difference of 13C and 12C) higher than the 12C parent peak.
(Kim et al., 2003; Kujawinski et al., 2002; Stenson et al., 2002) The number of peaks
detected in WSOC extracted from lower temperature biochar (C300, L300, P300) was the
highest, and decreased as a function of temperature. This observation is significant
because if biochar were used on a large scale as soil amendment, it would be important to
not only limit the potential side effects on soil and aquatic microorganisms, but also limit
the amount of DOC added to the overall amount of soil-derived dissolved organic matter
(DOM). Riedel et al. (2014) performed column batch studies and found that the addition
of biochar to soil could have the net effect of reduction on total organic carbon
mobilization and a shift towards more oxidized OM leached from the subsoil. Although
they suggest more studies are needed to quantify their findings, and that on a longer
timescale the observed effects might change due to physicochemical transformation of
biochar, they still have shown that the effects of large amounts of DOC can and will
affect other aspects of the environment, i.e. soil-derived DOM.
5.3.5

Molecular Formula Characteristics of Biochar WSOC
To compare the molecular formulas assignments of WSOC extracted from

cellulose (C), lignin (L) and pinewood (P) biochar at varying pyrolysis temperatures
ranging from 300°C to 500°C, van Krevelen (VK) diagrams were created. VK diagrams
plot tentatively assigned molecular formulas based on their molar O/C (x-axis) and H/C
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(y-axis) ratios. These plots have been used in the past to categorize varying compound
classes present in biochar, (Podgorski et al., 2012) dissolved organic matter, (Kim et al.,
2003; Kujawinski et al., 2004; Sleighter and Hatcher, 2008) black carbon-derived DOM,
Hockaday et al., 2006) aerosol-derived water-soluble organic carbon, (Wozniak et al.,
2008) and plant biomass-derived organic matter. (Ohno et al., 2010) Figure 35 shows van
Krevelan plots for the carbon, hydrogen and oxygen (CHO) containing molecular
formulas assigned to slow pyrolysis cellulose (Fig. 35, blue, C300-C500), lignin (Fig. 35,
red, L300-L500) and pinewood (Fig. 35, black, P300-P500) biochar WSOC analyzed by
ESI-FTICR-MS. In general, the number of molecular formulas assigned (shown in
bottom right corner of individual VK plots) to WSOC extracted from biochar,
irrespective of biomass, decreased as a function of slow pyrolysis temperature. Figure 35
shows, that at 300°C, a large cluster of molecular formulas with O/C ratio of 0.4 and H/C
ratio of 1.0 is present in cellulose, lignin and pinewood-derived biochar WSOC and shifts
towards low O/C and high H/C molecular formulas as slow pyrolysis temperature
increases to 500°C. This observation suggests that during the formation of biochar, both
biochar and high molecular weight WSOC undergo the loss of oxygen, most likely
decarboxylation, when the pyrolysis temperature is increased from 300 to 500°C.
Figure 35 also showed that WSOC extracted from biochar produced from
cellulose (blue) pyrolyzed at 300°C contained unique molecular formulas with high O/C
(greater than 0.6) and high H/C ratios (greater than 1.0), that are not present in L300 or
P300. This observation is significant because pinewood biomass contains a considerable
amount of carbohydrate material (cellulose and hemicellulose), ranging from 60 to 75%,
and might suggest that different thermal conversion processes are occurring. During
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pyrolysis of pure cellulose, the formation of bio-oil and pyrolysis vapors (intermediates)
are in equilibrium with the formation of char and other secondary reactions.
Alternatively, pyrolysis intermediate products from pinewood cellulose are formed in a
heterogeneous and more reactive environment, one in which oxygen containing lignin is
involved. As temperature increases and lignin begins to crack, the formation of organic
radical centers become highly desirable sites for reactions and might react to form new
molecules from cellulosic intermediates; e.g. the high O/C and high H/C compounds
observed in pure cellulose biochar WSOC. Since lignin pyrolyzates are aromatic in
nature, the product of these types of reactions would most likely fall in the
lignin/aromatic VK region, and thus, explain why the high O/C and high H/C compounds
are not observed in P300. Figure 35 also shows the high O/C and high H/C compounds,
represented by molecular formulas, seem to be relatively stable in regards to thermal
degradation due to their presence in C400 (Fig. 35), and even trace numbers of formula in
C500 (Fig. 35). This observation correlates well with C300 and C400 bioassay toxicity
(Fig. 25, discussed above) and could be an effective technique to monitor the types of
reactions, favoring cellulosic or lignin-like reactions, during the slow pyrolysis
production of biochar, and more importantly, toxicity. Riedel et al. (2014) observed
similar organic compounds with high O/C ratios (greater than 0.65) that were highly
mobile in mixed soil-biochar column studies. Previous research showed that pinewood
biochar WSOC produced via auger reactor at 450°C was toxic to blue-green algae and
had an acidic pH around 3.94, (Smith et al., 2013) roughly 19,000 mg DOC/kg biochar
and unique high O/C and high H/C molecular formulas that are shown in this study to be
only characteristic of WSOC extracted from cellulosic biochar. These results are
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significant because both auger reactor and batch reactor biochars were produced from
loblolly pinewood, but WSOC extracted from P400 and P500 in this study (batch reactor)
showed no signs of high O/C and high H/C molecular formulas, while WSOC extracted
from

Figure 35. van Krevelen diagrams for the molecular formulas assigned to mass spectral
peaks in cellulose (blue, top row), lignin (red, middle row) and pinewood biochar water
soluble organic carbon (WSOC) extracted from 300°C (left column), 400°C (middle
column) and 500°C (right column) biochar. Sample identification and number of
assigned molecular formulas are shown in the top and bottom right corners of individual
plots.
auger reactor 450°C biochar did. In auger reactor systems, pyrolysis vapors and liquid
intermediates are captured during the process, because of their potential value as a fuel
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source, and engineered in a way that yields the highest amounts of bio-oil. This is often
done by limiting the places in which oils and vapors can escape, and thus, create a
potential environment that favors the formation of small and large organic acids, a major
component of bio-oils.
Figure 36a shows VK plots for the carbon, hydrogen and oxygen (CHO)
containing molecular formulas assigned to WSOC extracted from CSP500 (green)
analyzed by ESI-FTICR-MS. Figure 36b compares the molecular formulas assigned to
CSP500 and WSOC extracted from P300. Figure 36b shows that 1928 molecular formula
assigned (black) to CSP500 WSOC were also assigned to P300 WSOC. WSOC extracted
from CSP500 also did not contain the low H/C and high O/C molecular formula
associated with WSOC extracted from P500 without a cold spot (Fig. 35). These results
suggest that the thermal degradation of larger organic compounds is hindered by uneven
heat distribution (cold spot) in combination with biochar material in the headspace. When
the head space of the pyrolysis reactor is empty and pyrolysis vapors are able to freely
evacuate the reactor, in the case of P500, the thermal decomposition of WSOC shifts
towards the formation of smaller volatile organic compounds. This conclusion is further
supported by the fact that the volatile WSOC extracted from CSP500 contained a
significant number of phenolic species most likely re-condensed on the surface of biochar
at the top of the reactor. Although separation of complex mixtures are time consuming,
labor intensive and difficult, further separation of biochar WSOC would be interesting to
study and the future direction of research for complex mixtures studied here. However,
the present study has demonstrated the effectiveness of ESI-FTICR-MS to track the
transition of WSOC as a function of pyrolysis temperature. Slow pyrolysis WSOC,
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independent of biomass, showed a transition of molecular formulas with O/C ratio of 0.4
and H/C ratio of 1.0 to low O/C ratios of 0.3 and high H/C ratios of 1.7 ratios over a
pyrolysis temperature range from 300°C to 500°C. Furthermore, ESI-FTICR-MS was a
useful technique for studying the possible reactions, or lack thereof in CSP500, involved
in the formation of WSOC extracted from biochar.

Figure 36. van Krevelen diagram for the molecular formulas assigned to mass spectral
peaks in pinewood biochar water soluble organic carbon (WSOC) extracted from cold
spot 500°C (CSP500) biochar. Van Krevelen plot (a) shows the molecular formulas to the
original CSP500 sample (green). Van Krevelen plot (b) shows 1928 common molecular
formulas (black) assigned in both pinewood biochar WSOC from 300°C and CSP500,
while 523 unique molecular formulas assigned to CSP500.
5.4

Conclusion
Nevertheless, the results shown here may have fundamental implication in

supporting biochar industrial quality assurance and quality control protocols for the
production of cleaner biochar to minimize the potential WSOC toxic effects on the
environment. Quality assurance should include a process to ensure that pyrolysis vapors
are evacuated (prevented from re-condensing) from the pyrolysis unit to minimize its recondensation on biochar products. Biochar should be produced at a biomass pyrolysis
temperature above 400°C in order to decrease the overall amount of biochar WSOC, and
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thus, limit its effects on natural soil and freshwater dissolved organic matter in the
environment. The quality control protocols may also include biochar routine water
extracts for DOC measurements and quick bioassays. DOC analysis is a relatively simple,
rapid and effective technique to analyze biochar WSOC prior to large biochar scale
application to the environment. Furthermore, ESI-FTICR-MS has shown to be an
effective technique to identify possible problems with biochar products if more detailed
analysis beyond DOC is necessary.
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CHAPTER 6
CONCLUSION AND FUTURE WORK
6.1

Importance of Biochar Water Soluble (Extractable) Organic Compounds
If biochar were used on a large scale as a carbon sequestration technique

and soil amendment, the fate of biochar WSOC becomes an important area of research
due to its potential toxicity in aquatic environments. How these compounds are formed
and how to mitigate their involvement in natural processes must be considered a priority
when evaluating biochar quality. In the future, the biochar community must continue to
investigate every avenue of possible biochar hazards in order to have a uniform and
comprehensive set of standards that will ensure effective and safe biochar for
environmental application.
6.2

General Conclusions
The results in this dissertation demonstrate that after slow pyrolysis of

biomass, biochar may release a number of hydrophilic organic compounds associated
with pyrolysis bio-oils that remain on the surface (or trapped in the pores) of the finished
product. WSOC were found to decrease in amount, and vary in composition, as a
function of slow pyrolysis temperature. It was found that pinewood biochar contained
toxic WSOC that inhibited the growth of freshwater photosynthetic algae which are
important producers in aquatic environments. Biochar WSOC proved to be a highly
complex mixture ranging from hundreds to thousands of compounds and varying in size
from small acids to large thermal degraded lignin molecules. Therefore, identifying
specific toxic compounds made for a difficult task. Characterization, including advanced
mass spectrometry linked with rapid bioassay analysis (a 7 day algal toxicity assay),
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allowed for several contributions to the biochar community. Contributions include quality
assurance and quality control recommendations. Quality assurance should include a
process to ensure that pyrolysis vapors are evacuated (prevented from re-condensing)
from the pyrolysis unit to minimize its re-condensation of pyrolysis vapors and bio-oils
on the surface of biochar. Biochar should be produced at a biomass pyrolysis temperature
above 400°C in order to decrease the overall amount of biochar WSOC, and thus, limit its
effects on natural soil and freshwater DOM in the environment. The quality control
protocols may also include routine biochar water extracts for DOC measurements and
quick bioassays. DOC analysis is a relatively simple, rapid and effective technique to
monitor biochar WSOC prior to large scale biochar application to the environment.
Furthermore, ESI-FTICR-MS has shown to be an effective technique to identify possible
problems with biochar products if more detailed analysis beyond DOC is necessary. The
research presented above was some of the first of its kind. This study helped to pioneer
life cycle assessment of biochar after interactions with soil and its effects on aquatic
microorganisms.
6.3

Future Work
The growing need for research and development for the utilization of

unwanted biomass is becoming more important as the world strives towards renewable
energy and a sustainable environment. Biomass pyrolysis for the production of biochar
shows tremendous promise for its use as both a soil amendment and a carbon
sequestration. The characterization of biochar by-products and their potential fate in the
environment after large scale application was the next logical progression in the life cycle
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assessment of biochar. Herein, we investigated the factors influencing the production of
water soluble organic compounds and their potential toxicity on the growth of
photosynthetic algae. Studies citing the work presented in this dissertation have extended
the research field in multiple directions including phytotoxicity of biochar WSOC
(Rombola et al., 2015; Buss and Mašek, 2014), mobility of biochar DOC in soil (Riedel
et al, 2015) and further characterization of toxic biochar WSOC (Buss and Mašek, 2015)
to name a few.
After several major conclusions were made from the research presented in
this dissertation, an interesting study would be to compare other types of biochar
processes (fast pyrolysis, flash pyrolysis and gasification) to see their relationship on
WSOC amount, chemical nature, etc. Furthermore, it would also be fascinating to obtain
commercial biochar samples to observe the amount of WSOC associated with current
large scale operations. Depending on results, the biochar community may want to
investigate post production treatments to mitigate the WSOC, especially if the main byproduct is not biochar.
Another interesting extension would be to study the WSOC and the effects
of temperature with flow over nitrogen compared to the results in Chapter V. Because
many reactions occur in the headspace of batch reactors, the difference in chemical
composition of WSOC observed via ESI-FTICR MS could give more insight into the
specific reactions occurring in the headspace and transformation while temperature
increases. The results from this type of study will not only benefit the biochar
community, but the bio-oil community could gain more insight into the formation bio-oil
components, and ultimately the final composition of biofuels. Furthermore, during the
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production of biochar, it would also be beneficial and interesting to collect multiple
fractions of biooils at as a function of temperature, to see at what temperature does the
majority of toxic bio-oils form.
After the rapid toxicological screening using fast growing and easily
measurable algae growth, it would also be interesting to test the effects of WSOC on
freshwater invertebrates. In 2014, Bastos et al. (2014) performed a study using Daphnia
magna, which is salt water invertebrate commonly used for testing the effects of toxins
on invertebrates. (Baun et al., 2008) They observed 20 to 25 % mobility impairment
when Daphnia magna was exposed to soil-biochar extracts. Thus, a study to test the
effects of WSOC on Daphnia magna, but also a freshwater invertebrate Hyalella azteca,
could be an excellent extension to the effects of toxic WSOC observed on algae. Hyalella
azteca is commonly used in freshwater sediment tests, (Ankley et al., 1995) and it would
be interesting to look at pinewood biochar and the availability of the WSOC in solution
after placed in the sediment. If biochar is used in water remediation like others have
suggested, (Mohan et al., 2014) the effects of biochar on sediment microorganisms would
need to be studied for the overall life cycle assessment for this particular application.
Finally, in chapters III and IV, peanut shell biochar was found to have a
stimulate effect on the growth of both blue-green algae Synechococcus and green algae
Desmodesmus. Characterization via FT-ICR MS showed a large variety of nitrogen
compounds that could play an important role in the environment. An interesting
extension would be to investigate the formation of nitrogen containing compounds
associated with peanut shell biochar WSOC and bio-oils. Understanding the formation of
these compounds could allow for high-tech biochar engineering that could release
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beneficial organic compounds in non-fertile agricultural applications. As biochar
becomes more well-known, the need for more advanced and innovative applications is
vital.
There are many necessary avenues of research that can be investigated in
this promising field as sustainability becomes a critical concern in our environment.
Because biochar has shown tremendous potential in many different environmental
applications, we must continue to study all facets of biomass pyrolysis and biochar, if this
is to become a viable solution to current carbon cycle imbalance.
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APPENDIX B

ABBREVIATIONS AND ACRONYMS
BWES

biochar water extractable substances

Da

daltons

DOC

dissolved organic carbon

EA

elemental analysis

ESI

electrospray ionization

GC

gas chromatography

Gt

gigatons

HMW

high molecular weight

LMW

low molecular weight

MWCO

molecular weight cut-off

C

DBE

DOM
ED

FTICR
GC×GC
H

KMD
MS

carbon

double bond equivalence
dissolved organic matter

electrodialysis

Fourier transform ion cyclotron resonance

two dimensional gas chromatography

hydrogen

Kendrick mass defect
mass spectroscopy

N

nitrogen

O

oxygen

PAH

polycyclic aromatic hydrocarbon

TGA

thermogravimetric analysis

NOM
P
S

TOC
TOF

natural organic matter
phosphorus
sulfur

total organic carbon

time of flight
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UV

VOC

ultra-violent

volatile organic compounds

VM

volatile matter

WSOC

water soluble organic compound

VK

van Krevelen
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